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ABSTRACT 
 Mitotic spindle positioning is paramount to proper genome segregation and cell 
division. Where the spindle is placed in a dividing cell determines cell fates. How do cells 
control where the mitotic spindle is positioned? Astral microtubules and the motor protein 
dynein are key players in positioning the spindle, conserved from budding yeast to mammals. 
How dynein and microtubules are regulated is vital for spindle placement. While dynein and its 
cargos are widely studied, we still do not understand the basic mechanisms of how dynein 
interacts with the microtubule track to position the mitotic spindle or how forces from dynein 
can affect the genomic cargo it transports. 
In this thesis, I will discuss the important roles of the microtubule track dynein walks on, 
how the ratio of dynein to dynactin is important for ending spindle movement and the evidence 
of nuclear movement impacting the genome during mitosis. To investigate spindle positioning, I 
used Saccharomyces cerevisiae, budding yeast, for the genetic capabilities and ability to image 
single microtubules. Spatial and temporal regulation of dynein occurs through binding of 
adaptor proteins, for example, dynein must bind dynactin to move the spindle. I found dynein 
actively destabilizes microtubules. In contrast, dynactin counteracts dynein and stabilizes 
microtubules. My results support a model in which dynein destabilizes its microtubule track 
once dynactin is attached to the cell cortex and released from the plus end of the microtubule. 
In addition, I found when dynein is unable to destabilize the microtubule, due to increased 
iv 
 
microtubule stability, spindle movements increase, causing positioning errors. Finally, I show 
excessive nuclear migration increases the frequency and duration of DNA damage. The force 
from dynein increases tension within the spindle and deforms the nucleus during pre-anaphase 
of the cell cycle causing delays in repair. This work provides insight into how spindle movement 
is regulated and the consequences of unregulated forces on DNA. 
The form and content of this abstract are approved. I recommend its publication. 
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REGULATING MOVEMENT OF THE GENOMIC MATERIAL IN CELLS 
Introduction 
As cells go through division, the mitotic spindle must be specifically positioned in the cell 
for proper chromosome segregation. In animal cells, the position of the spindle determines the 
site of division or cytokinesis (Canman et al., 2003; Green et al., 2012). Symmetric spindle 
placement results in daughter cells of equal size. Asymmetric cell divisions, such as those that 
give rise to distinct daughter cells, require careful spindle positioning to set the plane of 
cytokinesis and direct the inheritance of different regions of cytoplasm (Canman et al., 2003). 
How do cells move the mitotic spindle to the correct location for every cell division? Spindle 
movement is an active process involving motor proteins and the cytoskeleton. Two major 
players that drive spindle and nuclear movement are dynein and microtubules. Microtubules 
are dynamic polymers that form the mitotic spindle and make up the trafficking network within 
cells. Dynein is a molecular motor responsible for the majority of microtubule minus end 
directed movement and needed for vesicle transport, mitotic spindle assembly, and spindle 
positioning. Nuclear positioning defects, as well as dysregulation specifically of dynein, are 
associated with several pathologies such as muscle and nervous system disorders. While dynein 
and its cargos are widely studied we still do not understand the basic mechanisms of how 
dynein interacts with the microtubule track to position the mitotic spindle or how dynein forces 




material of the cell is positioned, the evidence of dynein altering microtubules, and how nuclear 
movement impacts the genome. 
Positioning the Genomic Material of the Cell 
The Mechanics of Spindle Positioning   
The position of the mitotic spindle controls the plane of cytokinesis, cell fate, and 
contributes to tissue architecture and tissue morphogenesis. As chromosomes are organized 
within the spindle, the entire spindle needs to be moved to a precise location before DNA 
segregation occurs.  Errors in spindle positioning during mitosis can result in one cell receiving 
all the genomic material and the other cell devoid of genomic material. The cell that received 
two sets of chromosomes is polyploid, a hallmark feature of cancer cells.  A fundamental 
question of biology is how do cells properly position their mitotic spindle so that each cell gets 
the correct amount of genomic material? 
During mitosis the spindle ensures the separation of the duplicated genome. The spindle 
is a network of microtubules that are dynamic polymers, made of α- and β-tubulin 
heterodimers (Inoue, 1967; Kirschner and Mitchison, 1986). Microtubules are intrinsically 
polarized with a minus and plus end. Microtubule minus-ends are embedded in microtubule 
organizing centers, focused into two poles during mitosis. A microtubule grows by adding 
tubulin subunits to the plus end, also called polymerizing; and a microtubule shrinks by losing 
tubulin subunits, called depolymerizing. The transition of a polymerizing microtubule to a 




microtubule to a polymerizing microtubule is called rescue. Microtubule dynamics are 
characterized by: polymerization rate, depolymerization rate, rescue frequency and 
catastrophe frequency. As microtubule plus ends are growing and shrinking, they interact with 
a multitude of proteins that help build the spindle. Within this network, different populations of 
microtubules provide distinct functions during mitosis. Kinetochore microtubules guide 
chromosome segregation by linking chromosomes to spindle poles (Rieder and Salmon, 1998; 
Winey et al., 1995)(Figure 1.1.1) . Interpolar microtubules are interdigitated and interact with 
cross linkers and kinesin motors to stabilize and elongate the spindle (Winey et al., 1995).  
Astral microtubules are nucleated at the spindle poles and extend into the cytoplasm where 
they coordinate the position of the spindle in the dividing cell (Carminati and Stearns, 1997). 
These processes require microtubule dynamics - the ability of microtubules to switch between 
states of polymerization and depolymerization (Mitchison and Kirschner, 1984). Dynamic 
instability is vital for all microtubule function including building a spindle, segregating DNA, and 
correctly positioning the spindle in the cell (Inoue, 1967; Kirschner and Mitchison, 1986; 
Mitchison and Kirschner, 1984).  
For asymmetric spindle positioning, there are three main steps to orienting the spindle. 
One, a cell polarity axis must be determined, such as the apical-basal axis in epithelial cells. PAR 
proteins are essential polarity regulators that generate cortical landmarks and recruit cell fate 
determinants (Kemphues et al., 1988).  Two, cell polarity is communicated to cell fate 




receptors then recruit NuMA, which stands for nuclear mitotic apparatus protein and NuMA 
asymmetrically recruits the motor protein dynein (Nguyen-Ngoc et al., 2007). Three, the spindle 
aligns along the cell polarity axis to divide the cell in which one daughter cell receives the fate 
determinants (Morin and Bellaïche, 2011). The predominant model of spindle positioning 
involves cortical pulling of astral microtubules by dynein.  Dynein is a motor protein that 
couples nucleotide hydrolysis with the ability to do work. 
During asymmetric spindle positioning, dynein is attached to the cell cortex and exerts 
pulling forces on the plus ends of astral microtubules attached to the spindle (Figure 1.1.1 A). 
One mechanism of cortical pulling is dynein walking along the microtubule lattice such that the 
microtubule bends and slides along the cell cortex (Adames and Cooper, 2000; Paschal et al., 
1987; Vallee et al., 1988)(Figure 1.1.1 B). Another mechanism of cortical pulling is where dynein 
captures the microtubule plus end and induces the microtubule to immediately shrink against 
the cortex (Hendricks et al., 2012; Laan et al., 2012)(Figure 1.1.1 A). For example, 
Caenorhabditis elegans start as a single-celled embryo and their first cell division is asymmetric 
to begin development. At metaphase embryos recruit dynein asymmetrically to the posterior 
cell cortex through G protein regulators and NuMA. Dynein, at the cortex, pulls on astral 
microtubules coupling depolymerization and spindle movement, asymmetrically positioning the 




The Motor Protein Dynein 
Dynein was first discovered in Tetrahymena pyriformis, responsible for flagellar beating 
(Gibbons and Rowe, 1965). Since then, only two classes of dynein have been discovered: 
cytoplasmic dynein 1, located in the cytoplasm and cytoplasmic dynein 2, located in cilia. 
Cytoplasmic dynein 1 family is conserved across nearly all eukaryotes (Wickstead and Gull, 
2007). In vertebrate cells, dynein has many cellular roles including cargo transport, mitotic 
spindle assembly, nuclear envelope breakdown, chromosome separation and spindle 
positioning. 
Dynein is a molecular motor that hydrolyzes ATP to power movement toward the minus 
ends of microtubules. Dynein is a large multi-subunit protein complex. A dynein complex 
contains two dynein heavy chains (containing the motor domain), along with two intermediate 
chains, two light intermediate chains, and several light chains (Burgess et al., 2004; Gibbons et 
al., 1987)(Figure 1.2.1). The most conserved regions of dynein are in dynein heavy chain which 
is the carboxy-terminal motor domain that includes six AAA+ ATPase domains (AAA: ATPase 
associated with various cellular activities) (Iyadurai et al., 1999; Kon et al., 2004). The six AAA 
motifs form a ring and contain an extending stalk that binds the microtubule (Gibbons et al., 
2005; Nicholas et al., 2015)(Figure 1.2.1). Dynein must bind and hydrolyze ATP to release and 
take steps along the microtubule (Burgess et al., 2003; Hirakawa et al., 2000). ATP-hydrolysis 
occurs at AAA1 and AAA3 are required for dynein motility along microtubules also ATP-binding 




has on average a step size of 8nm and has a mean velocity of 85 nm per second in purified 
single molecule studies (Reck-Peterson et al., 2006). Acting as a single dimer, dynein is a high-
force motor with a stall force of 7 pN measured in vitro, greater than a kinesin motor stall force 
of 5pN and dynein’s force is hypothesized to increase when interacting as a team of motors or 
with specific adaptor proteins (Gennerich et al., 2007; Svoboda’t et al., 1994).  
Dynein Requires Adaptor Proteins for Proper Function 
Dynein requires its activating partner dynactin for all known cellular functions. Dynactin, 
like dynein, is another large multi-protein complex consisted of 23 proteins built around an 
actin related protein filament (Schroer, 2004; Schroer and Sheetz, 1991). Dynein binds dynactin 
through the p150-Glued arm projection of dynactin (Vaughan and Vallee, 1995). This arm 
projection consisted of several coiled-coiled domains and contains an amino-terminal 
cytoskeletal associated protein glycine-rich (CAP-Gly) domain responsible for interacting with 
the carboxyl-terminal tails of microtubules and plus end binding protein, EB1 (Hayashi et al., 
2005; Karki and Holzbaur, 1995; Waterman-Storer et al., 1995; Weisbrich et al., 2007)(Figure 
1.2.1). The CAP-Gly domain of dynactin is specifically required for dynein to generate the force 
required to move the entire nucleus and mitotic spindle in budding yeast (Moore et al., 2009a). 
Mutations in the CAP-Gly domain cause a loss of retrograde transport in neurons in vitro and in 
vivo (Lloyd et al., 2012; Moughamian and Holzbaur, 2012). In humans, a mutation in the CAP-
Gly domain results in Perry syndrome, which is a progressive brain disease characterized by 




detailed efforts in biochemistry and the strides made in cryo-electron microscopy, labs have 
recently published the structure of dynein and dynactin for the first time, together (Chowdhury 
et al., 2015; Schlager et al., 2014). The structural information shows that dynactin binds to an 
open conformation of dynein to activate processive movement (Zhang et al., 2017). In addition, 
several labs have shown dynein and dynactin can interact differently depending on the context. 
For example, they can have a different structure if also bound to a microtubule or other 
adaptor proteins such as Bicaudal-D2 (BicD2) (Chowdhury et al., 2015; Schlager et al., 2014). 
Dynein regulation is spatially and temporally controlled in a cell by binding to adaptor proteins. 
Controlling when and where dynein is active, allows this motor to perform many 
different functions. Control of dynein recruitment is another important step in regulation. 
Linking the cytoskeleton and the cell cortex is crucial for sensing the size of the cell. 
Cytoskeletal components, actin and intermediate filaments help make the structure of a cell 
and therefore have extensive contacts with the cell cortex. Microtubules are dynamic 
structures in which their interactions with the cell cortex can be transient and difficult to study. 
Dynein is a link where microtubules interact with the cell cortex in a variety of cellular contexts, 
not just spindle positioning.  
The Location of Dynein in the Cell is Important for Function  
The ability for dynein to be anchored to the cell cortex is important for different 
functions in many organisms. For example, in Schizosaccharomyces pombe, dynein anchored at 




1999). In Aspergillus nidulans and Neurospora crassa, attached to the hyphal tip, dynein 
generates force to redistribute nuclei to syncytial hyphae as they grow (Minke et al., 1999; 
Xiang et al., 1995). In mammalian epithelial cells, dynein at the cell cortex is important for 
spindle orientation (Busson et al., 1998). Dynein is anchored below tight junctions in a “cortical 
belt” in late prometaphase/ metaphase and orients the spindle parallel to the epithelial plane 
(Busson et al., 1998; Dujardin and Vallee, 2002). Regulating dynein recruitment to the cell 
cortex is clearly an important step in spindle positioning. In human cells, higher concentrations 
of dynein located at the cortex pull the spindle closer to that side of the cell (Kiyomitsu and 
Cheeseman, 2012). Kiyomitsu and Cheeseman discovered another layer of dynein regulation in 
HeLa cells where polo-like kinase 1 from the spindle pole dissociates dynein from the cell cortex 
when the spindle pole is located too close to the cortex (Kiyomitsu and Cheeseman, 2012). This 
feedback mechanism is another example of multiple levels of dynein regulation, demonstrating 
dynein localization can be a dynamic process.  
Dynein is recruited directly to the nucleus through the linker of nucleoskeleton and 
cytoskeleton (LINC) complex (Crisp et al., 2006; Yu et al., 2011; Zhang et al., 2009). In 
mammalian cells, the LINC complex, involving Nesprin-1 and -2, interact with dynein and this 
interaction is essential for nuclear migration during neuronal development (Yu et al., 2011; 
Zhang et al., 2009). Much of our knowledge about dynein in mammalian cells has come from 
studies on LIS1, a protein in the dynein pathway. Mutations in the LIS1 gene cause type 1 




because it decreases surface folds of the cortex (Reiner et al., 1995). Normally LIS1 is recruited 
to dynein by another protein NudE and binds to the dynein motor domain to enhance motor 
function under high load transport (McKenney et al., 2010; Reddy et al., 2016). Using purified 
proteins and single molecule analysis, LIS1 is shown to increase the velocity of dynein in a dose 
dependent manner with the involvement of dynactin (Gutierrez et al., 2017).  Mutations in Lis1 
alter dynein force production, hindering its ability to move heavy cargo such as the nucleus and 
microtubule networks; transport of both are necessary for brain development.  
During development of the vertebrate nervous system, neuroepithelial cells undergo 
interkinetic nuclear migration, a process dependent on dynein recruitment to the nucleus. The 
nucleus moves to the basal region of the cell for G1 and S phase. Then during G2, the nucleus 
rapidly moves back to the apical surface for M phase (Willardsen and Link, 2011). Del Bene et 
al. showed a mutation disrupting dynactin causes nuclei to rapidly migrate basally and struggle 
to move apically, causing the cell to pre-maturely become neurons (Del Bene et al., 2008). Tsai 
et al. discovered in radial glial progenitor cells from embryonic rat cortical explants that Kif1a, a 
member of the kinesin 3 family, is responsible for basal movement of the nucleus and dynein is 
responsible for apical movement of the nucleus(Tsai and Gleeson, 2005). Furthermore, Baffet et 
al. found how nuclear migration was coordinated with the cell cycle by recruitment of dynein to 
the nucleus. G2 to M cyclin-dependent kinase 1 (Cdk1) phosphorylates RanBP2, a nucleoporin, 
which recruits dynein adaptor protein BicD2, which subsequently recruits dynein to the nucleus 




another form of nuclear migration requiring dynein, called nucleokinesis (Burke and Roux, 
2009). In nucleokinesis, the leading neurite blazes the trail and the microtubule organizing 
center (MTOC) smoothly follows, while the nucleus jaggedly follows the MTOC. The movement 
of the MTOC and the nucleus is dependent upon dynein, dynactin and Lis1, however, 
movement of the actual nucleus also requires actin and myosin II (Bellion, 2005; Schaar and 
McConnell, 2005; Tsai and Gleeson, 2005). These studies clearly show how dynein recruitment 
and regulation are vital for development. 
Dynein Alters Microtubule Dynamics  
Dynein is a highly regulated motor protein which requires a multitude of adapter 
proteins for proper activity and function. Why is dynein so highly regulated? Unlike the family 
of 14 kinesins, there is only one cytoplasmic dynein that is conserved from yeast to mammals. 
Because there is a single template for the cytoplasmic dynein motor it must bind other proteins 
to regulate its function. New protein regulators of dynein are discovered every day. Severe 
neurological disorders are caused by mutations in dynein or mutations to its adaptor proteins. 
While dynein and its cargos are widely studied we still do not understand the basic mechanisms 
of how dynein interacts with its microtubule track and how this is crucial for its function in cells.  
Dynein Positions the Spindle in Budding Yeast 
A wealth of knowledge on the dynein pathway and its components has come from 
budding yeast. In budding yeast, dynein has one role of positioning the mitotic spindle at the 




activity only affect spindle positioning and avoid the pleiotropic effects of dynein mutants in 
other systems. Dynein uses microtubule-sliding events to position the spindle in budding yeast 
(Adames and Cooper, 2000)(Figure 1.3.1). During these events, dynein is first targeted to 
microtubule plus ends and then docks at a receptor on the cell cortex (Markus and Lee, 2011a; 
Moore et al., 2009b)(Figure 1.3.1 A, B). Once anchored to the cell cortex dynein walks toward 
the microtubule minus end, causing the microtubule to slide along the cortex and pulling the 
spindle toward the anchored motor (Figure 1.3.1 C). The mechanisms of dynein recruitment to 
plus ends, and attachment to the cell cortex are well-characterized (Lammers and Markus, 
2015; Markus et al., 2009; Moore et al., 2009b). Dynein is recruited to the plus end in two 
pathways, one involving shuttling by a kinesin-7, Kip2 in yeast, and direct recruitment to the 
plus end by Lis1 and CLIP-170, Pac1 and Bik1 in yeast (Carvalho et al., 2004; Lee et al., 2003; 
Markus et al., 2011; Sheeman et al., 2003). The Pac1 recruitment mechanism accounts for 70% 
of dynein recruitment at the plus end of the microtubule (Markus et al., 2011). Pac1 binds 
dynein in the cytoplasm and as a complex, they bind Bik1 which is at the plus end of the 
microtubule (Markus and Lee, 2011a). While attached to the plus end, dynein recruits dynactin 
which is necessary for dynein to be attached to the cell cortex (Moore et al., 2008). This 
population of dynein at the plus end is held stationary as the microtubule grows and shrinks, 
sampling the cell cortex until it hits the cortical anchor, Num1 (Figure 1.2.1). Then dynein, with 
dynactin, are offloaded onto Num1 and dynein begins to walk toward the minus end of the 




and Lee, 2011a; Sheeman et al., 2003) (Figure 1.3.1 C). To end spindle movement the 
microtubule dissociates from dynein (Figure 1.3.1 D, E). However, we still do not understand 
how dynein terminates sliding when the spindle is in the right place. 
Motor Proteins Alter the Microtubule Track  
Enticing evidence for how a sliding event could be terminated comes from Laan et al. in 
vitro studies. They showed purified yeast dynein heavy chain anchored to a microfabricated 
barrier had the ability to capture microtubule plus-ends, inhibit growth and induce the 
microtubule to catastrophe, or shrink (Laan et al., 2012). Purified yeast and mammalian dynein 
can alter microtubule dynamics at the plus-end of the microtubule (Hendricks et al., 2012; Laan 
et al., 2012). The mechanism of how dynein alters microtubules is unclear. One model proposed 
by Laan and colleagues consists of dynein holding the microtubule against a barrier, such as the 
cell cortex, inhibiting further incorporation of tubulin subunits thereby causing the microtubule 
to shrink. One problem with this model is they showed that dynein tightly bound to the 
microtubule in a rigor state stabilizes microtubules. In this experimental setup dynein is tightly 
bound to the microtubule and holding it against a barrier and in theory, inhibiting tubulin 
subunit incorporation and yet its binding stabilizes the microtubule. In addition, they show that 
ATP hydrolysis is required to cause microtubule catastrophe, indicating dynein must be actively 
generating force to cause the microtubule to catastrophe. How does dynein’s ability to cause 
microtubule catastrophe relate to spindle positioning? They show dynein decorating the walls 




(Laan et al., 2012). However, the importance of dynein utilizing catastrophe induction of 
microtubules in vivo, in a myriad of cell shapes, is still under investigation.   
It has long been observed that astral microtubules in a cell without dynein are longer 
(Adames and Cooper, 2000; Carminati and Stearns, 1997; Yeh, 1995). Budding yeast can survive 
without dynein due to a compensatory spindle orientation mechanism, called the Kar9 pathway 
(Miller and Rose, 1998).  Therefore, unlike other model systems, in yeast we can determine the 
importance of dynein in spindle positioning and on microtubule dynamics using complete 
knockouts. On average 10% of dynein null cells contain an astral microtubule so long, it spans 
both the daughter and mother cells, resulting in aberrant spindle positioning (Carminati and 
Stearns, 1997; Yeh, 1995). In addition, cells without dynein contain significantly increased bi-
nucleate and multi-nucleate cells (Li et al., 1993). While researchers have known either dynein 
itself or the act of sliding must alter microtubule length, the mechanism of how and why dynein 
alters its microtubule track requires further investigation.  
Motor proteins altering their microtubule tracks is not uncommon, in fact, several 
kinesins regulate microtubule dynamics. Part of the kinesin-7 family, Kip2 in budding yeast, 
stabilizes microtubules; over-expression of Kip2 creates long astral microtubules and its 
deletion results in short microtubules (Cottingham and Hoyt, 1997a). Furthermore, deletion of 
Kip2 can suppress long microtubules created by deletion of two other motors, Kar3 and dynein; 
indicating these motors normally work together to regulate microtubule length (Cottingham 




Deletion of Kar3, a kinesin-14 family member, and Kip3, a kinesin-8 family member, increase 
both the number and length of astral microtubules (Huyett et al., 1998; Saunders et al., 1997). 
While the phenotypes of altering these kinesins are well characterized, the field has turned to 
sophisticated in vitro methods to study the mechanism of how these kinesins are directly 
altering the microtubule. For example, Arellano-Santoyo et al., shows that as Kip3 reaches the 
plus-end of the microtubule its ATPase rate is decreased to prolong its binding specifically to 
the curved state of a depolymerizing microtubule thereby promoting microtubule disassembly 
(Arellano-Santoyo et al., 2017). Creating an in vitro setup to investigate dynein at the plus-end 
is difficult due to the enormous size of the protein and the many accessory proteins required 
for its activity. While this in vitro setup is difficult, it is not impossible as demonstrated by the 
Surrey lab. They purified dynein, dynactin, Lis1 (Pac1 in budding yeast), EB1 (Bim1 in budding 
yeast), and BicD2 to investigate the mechanisms of dynein regulation by dissecting the 
functional contributions of each of these members in the regulatory network (Jha et al., 2017). 
In their in vitro reconstitutions they observed dynein tracking the shrinking microtubule ends; 
however, they noted future experiments are required to find the mechanism of catastrophe 
induction and how dynein tracks shrinking microtubules (Jha et al., 2017).  
Dynactin Stabilizes Microtubules 
A key player in the dynein regulatory network in its activating partner dynactin. Many 
labs have shown that the p150-Glued subunit of dynactin promotes initiation of dynein cargo 




2005; Jha et al., 2017; Karki and Holzbaur, 1995; Moore et al., 2009a; Nirschl et al., 2016; 
Waterman-Storer et al., 1995; Weisbrich et al., 2007) (Figure 1.2.1). Lazarus et al. showed in 
primary neurons p150-Glued requires the CAP-Gly and amino-terminal basic domains to 
stabilize microtubules (Lazarus et al., 2013). They found p150-Glued binds to microtubules and 
soluble tubulin, promoting growth and inhibiting catastrophe in axons. Depletion of 
endogenous p150-Glued leads to more frequent microtubule catastrophes in neurons (Lazarus 
et al., 2013). Lazarus and colleagues hypothesize p150-Glued promotes cargo initiation by 
dynein transport by stabilizing the microtubule track. This data supports the idea that dynein 
and dynactin alter microtubule dynamics as part of their function in cells. In chapter 2, I will 
discuss my work on how the offloading of dynactin at the cell cortex changes the ratio of dynein 
and dynactin at the plus end of the microtubule and how this change in ratio terminates spindle 
movement in the proper location. 
Nuclear Movement and DNA Damage 
Genome instability is a hallmark of cancer. The consequences of genome instability are 
increased mutation rate and numerical and structural defects of chromosomes which can drive 
cell proliferation and resistance to death (Hanahan and Weinberg, 2011). A common 
mechanism of genomic instability is due to defects in DNA damage repair pathways or in DNA 
replication and segregation during mitosis (Aguilera and García-Muse, 2013). Another recently 
discovered mechanism of genome instability is nuclear rupture, observed more commonly in 




outside forces applied to the nucleus can cause genome instability is a growing field of 
research.  
Nuclear Envelope Defects Lead to Rupture  
The nuclear envelope is composed of lamina, inner and outer nuclear membranes and 
nuclear pore complexes which form a double bilayer (Hetzer, 2010). Mutations in lamins lead to 
gaps in lamina structure resulting in more frequent nuclear envelope rupture (De vos et al., 
2011). Misregulation of lamins is found in cancer cells (Chow et al., 2012; Ho and Lammerding, 
2012). In addition to defects in lamina structure, mechanical forces imposed on the nucleus 
result in nuclear rupture (Denais et al., 2016; Raab et al., 2016) (Figure 1.4.1 A). By trying to 
recapitulate 3D conditions of cells moving through tissue, two labs have found at least 70% of 
cells contain nuclear rupture due to internal pressure of the nucleus (Denais et al., 2016; Raab 
et al., 2016; Thiam et al., 2016). They visualized ruptures at the leading edge of the nucleus 
corresponding to a disappearance of lamina and nuclear pore complexes resulting in a nuclear 
membrane bleb (Denais et al., 2016; Raab et al., 2016)(Figure 1.4.1.A). Occasionally chromatin 
protrudes through the nuclear lamina into the bleb (Shah et al., 2017). The bleb continues to 
expand and ruptures resulting in exchange between the nuclear and cytoplasmic contents 
(Denais et al., 2016; Raab et al., 2016). If a fragment of chromatin is released into the 
cytoplasm, a micronucleus will form around the fragment. Interestingly, inhibition of myosin II 
significantly reduced rupture frequency, indicating that forces from the actin cytoskeleton act 




through a less than 3.5 µm pore causes chromatin protrusion and nuclear rupture (Broers et al., 
2004; Le Berre et al., 2012)(Figure 1.4.1. A). The linker of nucleoskeleton and cytoskeleton 
(LINC) complex, which physically connects the nucleus to the cytoskeleton, has also been shown 
to affect nuclear rupture (Hatch and Hetzer, 2016). Disrupting the LINC complex function 
reduces the frequency of nuclear rupture and changes perinuclear actin organization (Hatch 
and Hetzer, 2016). To date, most studies looking at cytoskeleton compression involve actin 
although the LINC complex interacts with microtubules as well. This raises the question- Could 
forces exerted on microtubules to move the nucleus damage the genome? 
Microtubule Forces on the Nucleus 
During fertilization the pronuclei are moved together at the cell center and fused. 
Penfield and colleagues investigated how pulling forces from dynein on microtubules can cause 
nuclear rupture during pronuclear movement in a C.elegans zygote. In a zygote with defective 
lamins, they observed nuclear rupture during pronuclear movement (Penfield et al., 2018).  
They found dynein forces increase the severity of nuclear rupture and limiting dynein activity 
decreased ruptures and allowed for faster repair of the nuclear envelope, when a rupture did 
occur (Penfield et al., 2018). This is a physiologically relevant context, showing forces from 
dynein on microtubules can cause nuclear rupture.  
The location and amount of damage that occurs due to nuclear rupture varies. Several 
labs have shown damage is localized to chromosomal regions proximal to the rupture site 




marker 53BP1 shows within minutes of nuclear rupture 53BP1 accumulates on DNA near the 
rupture site and within the nucleus (Denais et al., 2016; Irianto et al., 2017; Raab et al., 2016). 
Cells in 2D culture, that experienced severe compression, compared to cells that underwent 
mild compression, contained increased expression of DNA damage response genes (Le Berre et 
al., 2012). Furthermore, repeatedly forcing cancer cells through a 3 µm pore results in even 
greater increase in DNA mutation and chromosome copy number changes (Irianto et al., 2017). 
These studies clearly show nuclear compression is detrimental to genomic integrity but the 
mechanism of how compression causes DNA damage is not understood. One possible 
mechanism is nuclear rupture allows cytoplasmic nucleases into the nucleus. Another 
possibility is mitochondria gets into the nucleus which damages DNA by producing reactive 
oxygen species. Another possible mechanism is nuclear deformation alone could shear DNA, 
making DNA more prone to damage or when the next round of replication occurs, cause stalled 
replication forks (Shah et al., 2017)(Figure 1.4.1 A). While these studies investigate how 
compression forces result in DNA damage during interphase, in chapter 3, I explore how forces 
on the DNA from microtubules and nuclear compression increase DNA damage in mitosis in 
budding yeast (Figure 1.4.1 B). 
Dynein Activity is Restricted During the Cell Cycle 
Is there evidence of a relationship between dynein activity and genome instability? In 
budding yeast, dynein activity is restricted to G2 and anaphase of the cell cycle. While dynein is 




G2 through anaphase (Moore et al., 2008). A regulator of dynactin, called She1, prevents 
dynactin from localizing to the microtubule until G2 (Woodruff et al., 2009). She1 also directly 
interacts with dynein to alter ATPase rate, increase microtubule-binding affinity and thereby 
decreases stepping frequency (Ecklund et al., 2017). When dynactin attaches to dynein, only 
then can dynein be attached to the cell cortex and start moving the spindle. One possibility is 
that dynein activity is restricted in the cell cycle to limit forces applied to the genome. Further 
evidence in support of this possibility is, dynein has another regulatory pathway to inhibit 
activity when the cell cycle is delayed. However, the players involved to terminate dynein 
activity are unclear.  
Dynein and DNA Repair by Homologous Recombination 
When DNA damage occurs in mitosis the cell arrests before anaphase onset and the 
damage is repaired. Homologous recombination is the major mechanism of DNA double 
stranded break (DSB) repair to retain genome integrity (Orr-Weaver et al., 1981; Szostak et al., 
1983). Homologous recombination occurs in S and/ or G2 of the cell cycle when a copy of the 
DNA is present and nearby (Symington et al., 2014).  The DSB undergoes 5’ to 3’ resection by 
the Mre11-Rad50-Xrxs2 (MRX) complex, priming the leading strand for strand invasion when a 
region of homology is found (Ivanov et al., 1994; Mimitou and Symington, 2010). Rad52 is 
essential for homologous recombination due to its role in mediating the loading of Rad51 and 
annealing complementary single-stranded DNA (Game and Mortimer, 1974; Mortensen et al., 




homologous sequence on the sister chromatid for the repair template (Sung, 1997). It has been 
well established that DSBs increase chromosomal mobility and this mobility is regulated by 
many of the same repair factors involved in homologous recombination (Dion et al., 2012; 
Miné-Hattab and Rothstein, 2012). Mine-Hattab and Rothstein found sites of DSBs and the rest 
of the genome is more mobile, exploring a 20% increase in nuclear volume than before the 
damage occurred (Miné-Hattab and Rothstein, 2012). But how this mobility is used to repair 
DNA damage is still an open question. Lisby and colleagues showed multiple breaks in a cell are 
clustered together into a single Rad52 focus, indicating broken DNA regions are gathered 
together to form a repair epicenter (Lisby et al., 2003). Lee et al., showed repair efficiency 
depends on the distance between the break and homology sequence donor strand, not 
necessarily on the region of the chromosome. They confirm that the search for the homology 
sequence is the rate limiting step in DSB repair and failure to repair DNA is most likely from an 
inability to find the homologous donor sequence (Lee et al., 2016). However, to mobilize DNA 
upon damage there would have to be release of the DNA by different tethering proteins: inner 
nuclear membrane proteins link telomeres to the nuclear envelope, kinetochores link 
centromeres to microtubules, and cohesion link sister chromatids together. Verdaasdonk et al. 
found DNA close to the centromere contain the most limited mobility and are confined to the 
smallest volumes (Verdaasdonk et al., 2013). Lawrimore et al. found upon DNA damage, release 
of telomeres only increased the motion of DNA proximal to those regions, kinetochores do not 




constraints on pericentromeric chromatin. However, the largest contributing factor to global 
chromosomal movement was due to microtubules and motor proteins outside of the nucleus 
(Lawrimore et al., 2017). They link nuclear movement by astral microtubules and dynein to 
chromosomal movement that occurs after DNA has been damaged. It is speculated that this 
increase chromosome mobility aids in the search to find the homologous donor strand of DNA. 
When the leading strand cannot find a homologous donor template the DSB and the associated 
repair proteins are recruited to the nuclear periphery (Oza et al., 2009). If a DSB is moved to the 
nuclear periphery the DNA damage checkpoint is called, stalling the cell cycle due to the slow 
repair process (Nagai et al., 2008). At the periphery the DSB can be repaired using a donor 
template from a different chromosome or through a different method of repair involving 
telomerase machinery (Oza et al., 2009). In chapter 3, I investigate how increased dynein-
dependent spindle movement impacts homology directed repair.  
In this thesis, I will discuss the important roles of microtubules in spindle positioning, 
how the interaction between dynein to dynactin is important for ending spindle movement and 






FIGURE 1.1.1 Asymmetric spindle positioning by dynein in different model organisms.  
(A) Schematic of a C.elegans embryo during asymmetric spindle positioning during the cell 
division. In metaphase, the spindle is pulled to the posterior side of the cell due to increased 
dynein recruitment. The embryo will then divide asymmetrically and therefore each cell will 
contain a different fate. (B) Schematic of S.cerevisiae during cell division. Before the cell can go 
into anaphase the spindle and the enclosed nucleus must be pulled into the constricted bud 
neck. The cite of cytokinesis is predetermined at the bud neck and therefore the spindle must 






FIGURE 1.2.1 Dynein requires other proteins to move the spindle. 
(A) Schematic of S.cerevisiae at the beginning of spindle movement. Dynein (orange) pulls the 
spindle into the bud neck by attaching to the cell cortex (blue) and walking towards the minus 
end of the microtubule (green). Dynein attaches to the cell cortex through Dynactin (yellow) 
and Num1 (pink), which is embedded in the cortex. Dynactin is required for dynein activation 





FIGURE 1.3.1 Dynein positions the mitotic spindle by sliding the microtubule. 
(A) Schematic of S.cerevisiae positioning the mitotic spindle. Dynein (orange) is held at the plus 
end on the microtubule (green). As the microtubule grows and shrinks it touches the cell cortex. 
(B) Dynein binds to Num1 through Dynactin on the cell cortex. (C) Dynein remains bound to the 
cortex and walks to the minus end of the microtubule pulling the spindle into the bud neck. (D) 






FIGURE 1.4.1 Forces on the nucleus cause deformity and result in DNA damage. 
(A) Schematic of mammalian cell in interphase migrating through a narrow pore. As the cell is 
confined the nucleus is deformed. DNA damage occurs during migration from several possible 
mechanisms two being mechanical shearing of DNA and consequences of nuclear rupture. (B) 
Schematic of S.cerevisiae pulling the spindle into the bud neck. For every cell division the 
enclosed nucleus, the spindle and the genomic material is pulling into the confined bud neck 





DYNEIN IS REGULATED BY THE STABILITY OF ITS MICROTUBULE TRACK1 
Introduction 
 During eukaryotic cell division, coordination between the mitotic spindle, which 
partitions duplicated chromosomes, and the cytokinetic contractile network, which partitions 
the cytoplasm, ensures that each daughter cell inherits a genome (Rappaport and Ebstein, 
1965). In animal cells, the position of the spindle determines the site of cytokinesis, which is 
critical during asymmetric cell divisions that underlie development and tissue homeostasis for 
guiding the inheritance of cytoplasmic fate determinants and the positions of daughter cells. In 
unicellular organisms such as budding yeast, the spindle must be brought to a pre-determined 
site of cytokinesis between the mother and bud. In all of these scenarios, the spindle is 
positioned through mechanisms that integrate polarity signals into force generation by the 
microtubule cytoskeleton (McNally, 2013).  
Spindle movement in many species and cellular contexts is driven by cytoplasmic 
dynein, a large multi-subunit protein complex that uses ATP hydrolysis to power motility 
toward the minus ends of microtubules. Dynein moves the spindle by generating pulling forces 
on astral microtubules, which are nucleated at microtubule organizing centers and project into 
                                                     
 
1 Portions of this chapter are published with permission from our previously published article Estrem CE, Fees CP, 





the cytoplasm, toward the cell cortex (Adames and Cooper, 2000; Carminati and Stearns, 1997; 
Grill et al., 2001; Kiyomitsu and Cheeseman, 2012; Skop and White). Observations in different 
organisms suggest that dynein can generate pulling forces either through end-on interactions 
with microtubules at the cortex, or by sliding microtubules laterally along the cortex. In budding 
yeast, dynein is delivered on the plus ends of astral microtubules to the cortex, where it 
attaches to its cortical receptor Num1 (Lee et al., 2005). Dynein is then activated and its minus-
end directed motility slides the astral microtubule along the cortex and past the anchored 
motor, drawing the spindle toward the cortex (Adames and Cooper, 2000; Lammers and 
Markus, 2015). In the C. elegans zygote, dynein accumulates at the anterior cell cortex and 
captures astral microtubules in an end-on manner (Couwenbergs et al., 2007; Redemann et al., 
2010). These microtubule ends quickly undergo catastrophe, but remain at the cortex, and their 
depolymerization is thought to generate force to pull the spindle toward the anterior 
(Kozlowski et al., 2007). While end-on interactions predominate during anaphase in C. elegans 
zygotes, lateral sliding interactions are observed during telophase and are highly abundant in 
embryos that generate free microtubule fragments by ectopic expression of the microtubule 
severing protein katanin (Gusnowski and Srayko, 2011; Kozlowski et al., 2007). This suggests 
dynein can alternate between different modes of force generation. Consistent with this, studies 
by Laan and colleagues demonstrate that dynein purified from budding yeast can generate 
force by capturing plus ends at a fabricated barrier, promoting catastrophe, and maintaining 




thought to promote catastrophe by holding the microtubule end close to the barrier. 
Microtubule ends can be induced to catastrophe by colliding with barriers, which is thought to 
impede the arrival of new tubulin subunits (Janson et al., 2003). Thus dynein can generate force 
using either of two mechanisms -- moving along the sides of microtubules and/or regulating 
plus end dynamics – and the predominant mechanism may be determined by physiological 
context.  
Spindle positioning requires the regulation of dynein by accessory subunits of the 
dynein complex (known as light, intermediate, and light intermediate chains) and interactions 
with extrinsic regulators (Couwenbergs et al., 2007; Lee et al., 2005; Pecreaux et al., 2006; 
Stuchell-Brereton et al., 2011; Yoder and Han, 2001). Dynactin is a multi-subunit protein 
complex that links dynein to cargoes and promotes association with its microtubule track 
(Ayloo et al., 2014; Culver-Hanlon et al., 2006; McKenney et al., 2014; Schlager et al., 2014; 
Schroer, 2004). Dynactin is required for spindle positioning in diverse contexts, and is thought 
to play important roles in linking dynein to the cell cortex and contributing to its motility 
(Moore et al., 2008; Moore et al., 2009a; Siller and Doe, 2008; Skop and White). Although we 
have a detailed inventory of the proteins required for dynein-dependent spindle positioning, 
we do not understand the interplay between dynein and its dynamic microtubule track, or how 
these activities might be differentially regulated to move the spindle in different contexts. 
In this study we investigate how dynein regulates the stability of its microtubule track, 




yeast, microtubule dynamics occur exclusively at the plus ends; the minus ends are inert and 
anchored at the Spindle Pole Bodies (SPBs; the centrosome equivalent in yeast) (Byers and 
Goetsch, 1975; Maddox et al., 2000). We find that astral microtubules undergo a transition to 
depolymerization during dynein-dependent sliding along the cortex, and this plays a key role in 
properly positioning the spindle. Inhibiting depolymerization exacerbates dynein-dependent 
spindle movement, leading to aberrantly positioned spindles. We also find that dynein heavy 
chain destabilizes astral microtubules and demonstrate that this requires an active motor. In 
contrast, dynactin stabilizes astral microtubules, and our results indicate that dynein may 
induce the microtubule to catastrophe by depleting dynactin from the plus end. We propose 
that dynein’s regulation of plus end stability is coordinated with its motility, creating a negative 
feedback loop that terminates spindle movement by destroying dynein’s microtubule track.  
Materials and Methods 
Yeast Strains and Manipulation 
 Chemicals and reagents were from Fisher Scientific (Pittsburgh, PA) and Sigma-Aldrich 
(Saint Louis, MO), unless stated otherwise. General yeast manipulation, media and 
transformation were performed by standard methods (Amberg et al., 2005). 3GFP fusions to 
Dyn1, Nip100, and Pac1 were generated using plasmids that integrate at the native locus (Lee 
et al., 2003; Moore et al., 2008). Jnm1-tdimer2 was generated by PCR-mediated tagging at the 
native locus (Sheff and Thorn, 2004).  Strains expressing dynein Walker A mutants at 




CO) described in (Markus et al., 2009; Markus et al., 2011).  Deletion mutants were generated 
by conventional PCR-mediated methods (Petracek and Longtine, 2002). GFP-Tub1 and mRuby-
Tub1 fusions were integrated and expressed ectopically, so that the fusion proteins were 
expressed in addition to the native TUB1 (Markus et al., 2015; Song and Lee, 2001). For 
overexpression of dynein heavy chain, the GAL1/10 promoter was integrated 5’ of the DYN1 
coding sequence, removing 160 bases of the native promoter, and a 3GFP tag was fused to the 
3’ end of the DYN1 coding sequence using an integrating plasmid (Lee et al., 2003). 
Overexpression was achieved by first growing cells to early log phase in media containing 2% 
sucrose, then adding galactose to 2% and returning to a 30ºC shaking incubator for 4 hours. 
Overexpression was confirmed by assessing the localization of the Dyn1-3GFP.  
Microscopy and Image Analysis 
 Images were collected on a Nikon Ti-E microscope equipped with a 1.45 NA 100× CFI 
Plan Apo objective, piezo electric stage (Physik Instrumente, Auburn, MA), spinning disk 
confocal scanner unit (CSU10; Yokogawa), 488-nm and 561-nm lasers (Agilent Technologies, 
Santa Clara, CA), and an EMCCD camera (iXon Ultra 897; Andor Technology, Belfast, UK) using 
NIS Elements software (Nikon). Cells were grown asynchronously to early log phase in 
nonfluorescent media, and adhered to slide chambers coated with concanavalin A (Fees et al., 
2017).  Slide chambers were sealed with VALAP (Vaseline, lanolin and paraffin at 1:1:1). During 
acquisition, the temperature of the stage was 25°C except when imaging td-dyn1, during which 




Analysis of Microtubule-Cortex Interactions and Microtubule Sliding.  
Cells expressing an integrated fusion of GFP to the N-terminus of -tubulin (GFP-Tub1) 
were arrested with hydroxyurea for two hours and imaged for 10 minutes at 4-second time 
interval between frames. Microtubule-cortex interactions were identified in 2D projections of Z-
series images by the microtubule reaching the cell cortex, which was visualized by the signal 
from free GFP-tubulin subunits in the cytoplasm. Only interactions where the microtubule 
reached the edge of the 2D projected cell cortex were scored; therefore our measurements 
likely underrepresent the total interactions occurring in 3D space. The dwell time of each 
interaction was defined as time elapsed between the first frame and last frame of the 
interaction. Microtubule sliding events were defined as interactions of microtubule plus-ends 
with the cell cortex that transitioned into lateral microtubule movements along the cortex and 
caused the spindle to move. Termination of sliding was defined the end of directed spindle 
movement and the movement of the microtubule away from the cell cortex.  
Microtubule Dynamics Analysis 
Microtubule dynamics were analyzed by measuring the lengths of astral microtubules 
labeled with GFP-Tub1 at 4 or 5 second intervals for 10 minutes. This analysis was conducted in 
pre-anaphase cells, which typically exhibit one or two astral microtubules emanating from each 
SPB. Assembly and disassembly events were defined as at least three contiguous data points 
that produced a length change ≥0.5µm with a coefficient of determination ≥0.80. Data points 




Catastrophes were defined as transitions to disassembly. Catastrophe frequencies were 
determined for individual astral microtubules by dividing the number of catastrophe events by 
the total lifetime, minus time spent in disassembly. Rescues were defined as transitions to 
assembly. Rescue frequencies were determined for individual astral microtubules by dividing 
the number of rescue events by the total lifetime, minus time spent in assembly. Microtubule 
dynamicity was calculated by the total change in length (growing and shrinking) divided by the 
change in time and expressed in tubulin subunits changed per second (Toso et al., 1993a). At 
least 23 astral microtubules were analyzed for each genotype. Dynamics measurements for 
individual microtubules were pooled for the genotype, and then compared to pooled data for 
different genotypes using a student’s t-test to assess whether the mean values for different 
data sets are significantly different. 
Localization of Dynein, Dynactin, and Pac1 
Two color images of cells expressing Dyn1-3GFP and Jnm1-tdimer2 were collected in 
time lapse, full cell Z series separated by 300nm. Images were then analyzed using ImageJ. Z 
series were collapsed into maximum intensity projections. We identified the astral microtubule 
plus end by observing changes in Dyn1-3GFP localization over time, since Dyn1 is known to 
localize to the plus ends of polymerizing and depolymerizing microtubules. Cortical foci were 
stationary in time lapse imaging. Intensities of 3GFP or tdimer2 signals were measured within a 
64 pixel region (472nm x 472nm). These values were adjusted for background signal by taking a 




microtubule and then subtracting that value from the value measured at the plus end. To 
determine the change in localization over the course of a microtubule-cortex interaction, we 
calculated the ratio of fluorescence intensity at the fifth timepoint of the interaction over the 
intensity at the first timepoint of interaction. Two color images of cells expressing Dyn1-3GFP, 
Pac1-3GFP, or Nip100-3GFP with mRuby2-Tub1 were collected and analyzed similarly, with the 
exception that the astral microtubule plus end was identified using the mRuby2-Tub1 signal. 
Spindle Location Analysis 
Asynchronous cells expressing GFP-Tub1 were imaged with 13 Z slices separated by 
400nm depth. Cells were then sorted by pre-anaphase spindle or anaphase at the bud neck, in 
the mother cell or in the bud.  A pre-anaphase spindle is defined as a bipolar spindle of less 
than 1.9µm in length.  An anaphase spindle is defined as bipolar spindle greater than or equal 
to 1.9µm in length.  Spindles were characterized as at the bud neck when there was at least one 
spindle pole body in the neck region (between the mother and daughter cell) or spanning the 
bud neck region.  Spindles were characterized as in the mother when both spindle pole bodies 
were in the half of the mother cytoplasm that is distal to the bud neck.  Spindles were 
characterized by in the bud when both spindle pole bodies were across the bud neck and in the 
bud.   
Drug Treatment 
Cells expressing GFP-labeled microtubules were grown to early log phase in synthetic 




min in HU, 90% of cells contained short bipolar spindles. For treatment with epothilone, cells 
contained a pdr1-DBD-CYC8 mutation and GFP-labeled microtubules. The pdr1-DBD-CYC8 allele 
represses transcription of pleiotropic drug resistance genes, and was generated at the native 
chromosomal locus using the pAGS1 integrating plasmid, provided by Dr. John Nitiss (University 
of Illinois at Chicago College of Pharmacy; Rockford, IL) (Stepanov et al., 2008). Cell were first 
arrested with HU for 90 min then were treated with 10µM epothilone A for one hour prior to 
imaging. 
Results 
Microtubule Stability Regulates Dynein-Dependent Spindle Movement 
How does microtubule stability contribute to dynein’s role in positioning the mitotic 
spindle and nucleus? To address this question, we analyzed the dynamics of GFP-labeled 
microtubules (GFP-Tub1) during dynein-dependent microtubule sliding along the cell cortex. 
We defined sliding events as instances where astral microtubules contact the cell cortex and 
bend as they move along its concave surface, accompanied by movement of the spindle in the 
same direction as the microtubule (Figure 2.1.1 A). To prevent anaphase spindle elongation 
from limiting movement, we arrested cells in S-phase by treatment with hydroxyurea. Sliding in 
arrested cells is similar to that seen in asynchronous cells, but the arrest allows us to 
measurement more events (Figure 2.8.1 A-C). We examined microtubules during 39 sliding 
events in 30 wild-type cells. Figure 2.1.1 B shows a representative example of microtubule 




sliding event. Our analysis reveals three prominent characteristics of microtubule dynamics 
during sliding events: 1) Sliding events are initiated by polymerizing microtubules (in 39 of 39 
events, microtubules are polymerizing immediately before the onset of sliding). 2) During a 
sliding event, the microtubule undergoes catastrophe to switch from a polymerizing to a 
depolymerizing state. In 10 of 39 events catastrophe coincides with initiation (for example, see 
Figure 2.1.1 C and D), while in 29 of 39 events catastrophe occurs after initiation (Figure 2.1.1 A 
and B). 3) The microtubule spends most of the sliding event in a depolymerizing state (Figure 
2.1.1 E), and all sliding events analyzed end with depolymerizing microtubules (39 of 39 events 
analyzed). The rate of depolymerization during sliding is slower than that measured for 
microtubules in the cytoplasm (Figure 2.8.1C). The prominence of the depolymerizing state led 
us to ask whether microtubules are more likely to undergo catastrophe when plus ends are 
sliding along the cell cortex than when they are away from the cortex. Indeed, we find that the 
frequency of catastrophe is increased 8.6 fold during sliding events (3.17 ± 0.49 events per 
minute of sliding, compared to 0.37 ± 0.03 events per minute of non-sliding; p<0.0001; Figure 
2.1.1 F). In contrast, rescues are rarely observed during sliding events (4 rescues in 39 events 
analyzed, with an average of 28 seconds of depolymerization per event).  
 Changes in microtubule stability could play a determining role in the duration of a 
sliding event and consequently the displacement of the spindle and nucleus. Indeed, our 
analysis reveals a strong positive correlation between the time the sliding microtubule spends 




a positive, albeit weaker, correlation with the maximum length of the sliding microtubule – i.e. 
the maximum length reached from the beginning to the end of the sliding event -- and the 
duration of a sliding event (R2=0.20; Figure 2.1.1 H). In separate experiments, we tested 
whether longer sliding events exhibit increased dynein at the microtubule plus end; however, 
our analysis does not reveal a correlation (R2=0.01). These results suggest that longer 
microtubules may sustain longer lived sliding events.  
We tested the hypothesis that microtubule stability determines sliding behavior by 
using mutants and drugs to stabilize microtubules. We examined sliding events in two mutants -
- tub2-430∆, which lack the C-terminal 27 amino acids of -tubulin, and kip3∆, a deletion of the 
yeast kinesin-8. Both of these mutants exhibit longer and more stable microtubules, and more 
pronounced spindle movements (Figure 2.2.1 A; (Fees et al., 2016; Gupta et al., 2006). In 
contrast, dynein heavy chain null mutants exhibit diminished spindle movement and no sliding 
events (Figure 2.2.1 A). We find that the maximum length of sliding microtubules is increased in 
both tub2-430∆ and kip3∆ mutants, compared to wild-type controls (Figure 2.2.1 B; Figure 2.9.1 
A). Sliding events are longer lived in both tub2-430∆ and kip3∆ mutants than in wild-type 
controls; but the velocity of spindle movement is unchanged (Figure 2.2.1 C; Figure 2.9.1 B-C). 
We also confirmed that mutants with longer astral microtubules do not increase the amount of 
dynein at the plus end (Figure 2.9.1 D). These results are consistent with microtubule stability 




In addition to changes in sliding duration, we find that sliding events occur more often in 
mutants that increase the stability of astral microtubules (Figure 2.2.1 D; Figure 2.9.1 E). tub2-
430∆ and kip3∆ mutants also exhibit an increased frequency of astral microtubule plus ends 
colliding with the cell cortex (Figure 2.2.1 E; Figure 2.9.1 F). This suggests that plus end 
interactions with the cell cortex may be a limiting step in the spindle movement mechanism. 
Interestingly, tub2-430∆ mutants convert these interactions into sliding events at a greater rate 
than observed in wild-type controls, while kip3∆ mutants convert microtubule-cortex 
interactions into sliding events at a rate that is similar to wild-type (Figure 2.9.1 G). Why tub2-
430∆ mutants specifically promote the conversion of microtubule-cortex interactions into 
sliding events is not immediately clear; however, we observed that whenever plus ends collide 
with the cortex in these mutants, they tend to dwell rather than quickly depolymerizing (Figure 
2.9.1 H).  
As an additional test of our hypothesis, we stabilized microtubules using the drug 
epothilone A (Bode et al., 2002; Prota et al., 2013). Treatment with 10µM epothilone A caused 
wild-type cells to exhibit longer microtubules, and longer lived and more frequent sliding events 
(Figure 2.2.1 B-D). Collectively, these results support our hypothesis that microtubule stability 
plays a determining role in the dynein-dependent sliding events that move the spindle and 
nucleus. 
We then asked how increased microtubule sliding impacts the position of the mitotic 




using single time point images of large populations of asynchronous cells. Whereas 95% of wild-
type cells exhibit the spindle at the bud neck, both tub2-430∆ and kip3∆ mutants frequently 
exhibit spindles away from the bud neck, either in the distal end of the mother compartment, 
or across the neck in the bud (Figure 2.2.1 F). Spindle position is also disrupted in cells that have 
entered anaphase (Figure 2.2.1 G). In contrast, ablating microtubule sliding by knocking out 
dynein heavy chain (dyn1∆) increases the frequency of pre-anaphase and anaphase spindles 
that lag in the mother compartment, without the appearance of spindles in the bud (Figure 
2.2.1 F-G).  We conclude that microtubule stability regulates the accuracy of spindle 
positioning, and increasing microtubule stability causes excessive microtubule sliding that 
displaces the spindle from the nascent site of cytokinesis.   
Dynein Destabilizes Astral Microtubules.  
We hypothesized that dynein might also destabilize microtubule plus ends at the yeast 
cell cortex, as part of the spindle positioning mechanism. We tested this by comparing plus end 
interactions with the cell cortex in wild-type controls and in mutants that disrupt dynein 
function. Whereas wild-type cells exhibit both lateral sliding interactions and plus-end 
interactions where only the end of the microtubule contacts the cortex, mutants that disrupt 
dynein only exhibit the latter (Figure 2.3.1 A). We therefore compared the frequency and 
duration of plus-end interactions. In dyn1∆ null mutants, plus-end interactions are more 
frequent and dwell longer than in wild-type controls (Figure 2.3.1 B-C). To determine whether 




examined num1∆ mutants, which lack dynein’s cortical receptor. In num1∆ mutants, dynein 
accumulates at the plus-end, but fails to attach to the cell cortex (Lee et al., 2003). We find that 
plus ends interact more frequently with the cortex in num1∆ mutants than in wild-type 
controls; however, the duration of these interactions is significantly shorter than we observed 
in dyn1∆ null mutants (Figure 2.3.1 B-C). We also examined nip100∆ mutants that lack the 
Nip100/p150glued subunit of the dynactin complex. In contrast to dyn1∆ and num1∆ mutants, 
nip100∆ mutants exhibit fewer and shorter-lived plus end interactions with the cortex (Figure 
2.3.1 B-C). These results indicate that dynein, but not dynactin, destabilizes microtubules 
If dynein destabilizes microtubules, then we predicted that altering dynein levels in the 
cell would lead to changes in microtubule length and dynamics. Indeed, dyn1∆ mutants show 
significantly longer astral microtubules, compared to wild-type controls (dyn1∆ = 1.3 ± 0.18 µm, 
wild type = 0.8 ± 0.05 µm; median ± 95% c.i.; p<0.0001; Figure 2.3.1 D-E and Figure 2.10.1 A). 
This phenotype was not specific to pre-anaphase cells; dyn1∆ mutants also exhibit longer astral 
microtubules during G1 (Figure 2.10.1 C). To further confirm that loss of dynein increases astral 
microtubule length, we tested for an additive effect by combining the dyn1∆ mutation with the 
tub2-430∆ mutation. This combination is known to be lethal (Aiken et al., 2014); therefore, we 
examined strains that express tub2-430∆ combined with a conditional ts-degron allele of dynein 
heavy chain (td-dyn1). As expected, after dynein depletion these cells exhibit astral 
microtubules that are significantly longer than either the dyn1∆ or tub2-430∆ mutants alone 




Figure 2.3.1 D-E, Figure 2.10.1 A). Therefore, loss of dynein heavy chain leads to longer astral 
microtubules. 
To test whether elevating levels of dynein heavy chain would have the opposite effect 
and lead to shorter astral microtubules, we integrated a galactose-inducible promoter at the 5’ 
end of the DYN1 coding sequence, replacing the endogenous promoter. After 4-hour induction 
with galactose we observed significantly shorter astral microtubules in both pre-anaphase and 
G1 cells, compared to wild type (Figure 2.3.1 D and F; Figure 2.10.1 A-B).   
To identify the changes in microtubule dynamics that lead to length differences in 
dynein mutants, we acquired timelapse z-series images of pre-anaphase cells and measured 
astral microtubule lengths over time. Example lifeplots of individual astral microtubules are 
shown in Figure 2.3.1 G. From these data we determined average rates of polymerization and 
depolymerization, and the frequencies of catastrophe and rescue events (Table 1). We find that 
frequency of catastrophe events is decreased in mutants lacking dynein heavy chain, compared 
to wild-type controls (dyn1∆ = 0.90 ± 0.10 events/growth min, wild type = 1.3 ± 0.16 
events/growth min; p<0.05; Figure 2.10.1 C; Table 1). In addition, dyn1∆ mutants exhibited 
slower rates of both polymerization and depolymerization than wild-type controls (Table 1; 
Figure 2.10.1 and 2.10.2). To determine how changes in multiple parameters of microtubule 
dynamics might give rise to changes in microtubule length, we used our measurements to 
estimate the turnover of tubulin subunits at the dynamic plus ends, which can be defined by 




significantly lower dynamicity than wild-type controls, indicating that dynein heavy chain is 
necessary for the normal turnover of tubulin heterodimers at plus ends (Figure 2.3.1 H and 
Figure 2.10.2 G; p<0.005). Cells overexpressing dynein heavy chain show very brief phases of 
polymerization, more frequent catastrophes, and faster rates of depolymerization (Figure 2.3.1 
G-H; Figure 2.10.1 and 2.10.2; Table 1). Together, these data suggest that dynein destabilizes 
astral microtubules in living cells. 
Dynein Motor Activity Destabilizes Microtubules  
To investigate the mechanism through which dynein destabilizes microtubules, we used 
a series of mutants that ablate different domains of the heavy chain (Figure 2.4.1). First, we 
asked whether microtubule binding activity is required by examining a truncation allele of DYN1 
that lacks the microtubule-binding domain (MTBD; residues 3102-3225; (Lammers and Markus, 
2015)). The truncated protein still localizes to plus ends, similar to wild-type dynein heavy chain 
(Figure 2.4.1 B; (Lammers and Markus, 2015)). Cells expressing the MTBD truncation exhibit 
longer astral microtubules and changes in dynamics that are equivalent to those seen in dyn1∆ 
null mutants, indicating that dynein requires the MTBD to destabilize microtubules 
(dyn1∆MTBD = 1.1 ± 0.2 µm; median ± 95% c.i.; p=0.6 compared to dyn1∆; Figure 2.4.1 C; 
Figure 2.10.1 A; Table 1).  
 To determine how microtubule destabilization is related to dynein’s motor activity, we 
examined the requirement for ATP binding at AAA1 and AAA3, which control microtubule 




mutants in AAA1 or AAA3 at the endogenous DYN1 locus, referred to as dyn1-WA1 and dyn1-
WA3, respectively. The dyn1-WA1 mutation increases dynein accumulation at plus ends, along 
the lengths of astral microtubules, and near the SPBs (Figure 2.4.1 B; (Markus et al., 2009). In 
contrast, the dyn1-WA3 mutation did not strongly alter dynein localization (Figure 2.4.1 B). 
Astral microtubules in both dyn1-WA1 and dyn1-WA3 mutants are much longer than in wild-
type controls (dyn1-WA1 = 1.3 ± 0.3 µm, dyn1-WA3 = 1.3 ± 0.2 µm; median ± 95% c.i.; Figure 
2.4.1 C; 2.9.1 A; p<0.0001 compared to wild type), and exhibit decreased dynamicity in our time 
lapse analysis (dyn1-WA1 = 44.2 ± 2.5 subunits/second, dyn1-WA3 = 40.5 ± 2.5 subunits/sec; 
Figure 2.4.1 D; p<0.0001 compared to wild type). We conclude that the ATP binding activities of 
AAA1 and AAA3 that are required for dynein motility are also required for destabilizing 
microtubules. Interestingly, we find that astral microtubules in dyn1-WA1 mutants are 
significantly longer than those observed in dyn1∆ null mutants (Figure 2.4.1 C), and both the 
dyn1-WA1 and dyn1-WA3 mutants have significantly altered dynamics compared to dyn1∆ 
(Figure 2.4.1 D; Table 1). This raises the possibility that blocking ATP binding at AAA1 and AAA3 
may cause a gain of function that stabilizes microtubules.  
Dynactin Stabilizes Astral Microtubules  
Our results in Figure 2.3.1 suggest that dynactin might have a role in stabilizing astral 
microtubules. In support of this notion, we find that astral microtubules are significantly shorter 
in nip100∆ mutants, which lack the Nip100/p150glued subunit of dynactin (Figure 2.5.1 A-B; 




significantly decreased frequency of rescue events (Table 1; Figure 2.10.2 D).  This difference in 
the phenotypes of nip100∆ mutants and dyn1∆ mutants is specific to pre-anaphase cells. During 
anaphase, nip100∆ mutants and dyn1∆ mutants exhibit similar phenotypes -- spindles that are 
mis-positioned in the mother compartment and extending long astral microtubules into the bud 
(Moore et al., 2009a). Our result suggests that Nip100/p150glued and dynein heavy chain have 
opposite effects on microtubule stability during pre-anaphase.  
Because dynactin is known to regulate dynein activity, we reasoned that nip100∆ 
mutants might exhibit shorter microtubules because of changes in dynein regulation. 
Alternatively, dyn1∆ mutants might exhibit longer microtubules because of changes in dynactin 
regulation. To distinguish between these possibilities, we examined dyn1∆ nip100∆ double 
mutants, and found that astral microtubules are short, similar to the nip100∆ single mutants 
(Figure 2.5.1 B; Figure 2.10.1 A). Therefore, the long microtubule phenotype seen in dyn1∆ 
single mutants depends on dynactin, but the short microtubule phenotype in nip100∆ does not 
depend on dynein.  
We then used a series of dynactin mutants to define the components of the dynactin 
complex that stabilize microtubules. Our results show that the shoulder sub-complex of 
dynactin, and specifically the CAP-Gly domain of Nip100/p150glued, are required to stabilize 
microtubules (Figure 2.5.1 A-B). In contrast, the Arp1 filament is not required. In fact, we find 
that arp1∆ null mutants have significantly longer astral microtubules, reminiscent of dynein null 




Changes in Dynein and Dynactin Localization during Microtubule Sliding 
 To reconcile the different effects of dynein and dynactin on microtubule stability, we 
sought to identify differences in localization of either complex at microtubule plus ends. For 
these experiments we used a strain that simultaneously expresses native dynein heavy chain 
tagged with three copies of GFP, and native Jnm1/p50 tagged with tdimer2. This allowed us to 
measure changes in the amount of either protein at the same plus ends during 17 microtubule 
sliding events (Figure 2.6.1 A and Figure 2.6.2 B; arrowheads). In the same cells, we also 
measured stationary cortical foci that contain both dynein and dynactin; these foci are stable 
over time and are therefore useful for determining the degree of signal loss due to 
photobleaching (Figure 2.6.1 A; arrows). We find that the majority of dynactin is lost from the 
plus-end during the first 40 seconds of sliding (77 ± 17% loss; median ± 95% c.i.; Figure 2.6.2 C). 
In contrast, the majority of dynein remains at the plus-end over the same time period (20 ± 32% 
loss; median ± 95% c.i.; Figure 2.6.2 C). Comparing changes in the ratio of GFP and tdimer2 
signal intensities also suggests that the balance of dynein and dynactin at the plus end shifts 
over the course of a sliding event (Figure 2.6.2 D). 
In separate experiments we measured dynein and Nip100/p150glued tagged with the 
same 3GFP fluor, but in different cells, to estimate the changes in stoichiometry at the plus end 
(Figure 2.11.1 and Figure 2.11.2). Our results show that at the beginning of a sliding event, the 
fluorescence intensity of native Nip100/p150glued tagged with 3GFP is, on average, 




previous stoichiometry estimates of a 1:3 ratio of dynactin to dynein (Markus et al., 2011). By 
the end of the sliding event, the amount of plus-end Nip100 decreases by approximately 58 ± 
9% (median ± 95% c.i.; Figure 2.11.2 H). In contrast, dynein heavy chain exhibits a smaller loss 
during sliding (15 ± 33%; median ± 95% c.i.) and was similar to that measured for Pac1/LIS1 
(Figure 2.11.2 H). Together, these results indicate that both dynactin and dynein are 
accumulated at the plus end when it reaches the cortex; but during sliding, dynactin is depleted 
and the balance of dynactin and dynein shifts. 
Discussion 
Dynein is necessary for spindle movement in many cellular contexts, but the 
mechanisms that regulate dynein to control the accuracy of spindle positioning are poorly 
defined. Our study provides three new insights into how dynein is regulated in budding yeast to 
accurately position the spindle at the nascent site of cytokinesis. First, we show that 
microtubule stability is a limiting factor of the initiation and duration of dynein-dependent 
spindle movement. Second, we provide the first evidence that dynein combines both lateral 
sliding and plus end destabilization activities to position the spindle, and both require the 
motor activity of dynein heavy chain. Third, we show that dynactin plays a key role in stabilizing 
microtubules. We propose that the dynactin complex regulates the balance of dynein’s 
activities by stabilizing microtubules, thereby promoting microtubule-cortex interactions and 




Dynein Motor Activity Destabilizes Microtubules  
 A previous study showed that yeast dynein heavy chain attached to a fabricated barrier 
can capture and destabilize microtubule plus ends in vitro (Laan et al., 2012). Comparing this 
study to our results in yeast points to interesting similarities as well as differences. In both 
scenarios, microtubules that interact with dynein at the cortex exhibit dramatic increases in the 
frequency of catastrophes (Figure 2.1.1 F; 2.2.1 A-C;  (Laan et al., 2012). Furthermore, in both 
scenarios dynein’s catalytic activity is necessary to destabilize microtubules (Figure 2.4.1; (Laan 
et al., 2012). How dynein promotes catastrophe is an outstanding question. Laan and 
colleagues attributed the increased catastrophe frequency to dynein holding the plus end 
against the cortical barrier and preventing access to free tubulin subunits (Laan et al., 2012). 
While a similar occlusion mechanism may contribute to catastrophe in yeast, this model is not 
sufficient to explain our results. First, our analysis comparing plus-end interactions at the cortex 
in num1∆ and dyn1∆ mutants indicates that dynein does not need to attach to the cortex to 
destabilize microtubule ends. Both mutants exhibit more frequent plus-end interactions at the 
cortex; however, these interactions are shorter-lived in the num1∆ mutant than in the dyn1∆ 
mutant (Figure 2.3.1 B-C). This suggests that dynein at the plus end in the num1∆ mutants may 
still destabilize the microtubules, albeit to a lesser degree than normal. Second, sliding 
microtubules exhibit more frequent catastrophes, even though the plus ends are presumably 
parallel to the cell cortex as they move along it (Figure 2.1.1). Free tubulin subunits would 




catastrophe by subunit occlusion model seems unlikely. We therefore favor an alternative 
model, where dynein motor activity promotes catastrophe by directly destabilizing the 
microtubule lattice.   
Although dynein destabilizes microtubules in yeast, it is unlikely that this contributes 
force for spindle movement. We find that dynein-dependent spindle movement is initiated by 
polymerizing astral microtubules. In the majority of cases, these microtubules continue to 
polymerize as they slide along the cortex and move the spindle, and remain in a polymerizing 
state for an average of 12 seconds before undergoing catastrophe and switching to 
depolymerization (Figure 2.1.1 E; data not shown). This indicates that polymerizing 
microtubules support spindle movement. In addition, we find that increasing microtubule 
stability with mutants or drugs that inhibit depolymerization increases both the frequency and 
duration of spindle movement. These results are reminiscent of previous findings in C. elegans, 
where loss of the cortical protein EFA-6 increases the stability of astral microtubules and leads 
to increased cortical pulling forces by dynein, and studies of nuclear movements in Aspergillus 
mutants that alter microtubule dynamics (Gibeaux et al., 2017; Grava et al., 2006; O’Rourke et 
al., 2010). A simple interpretation of these results is that microtubule depolymerization is not 
required to move the spindle. This argues that microtubule depolymerization does not provide 
energy needed for spindle movement, as has been proposed for kinetochore movement within 
the spindle (Asbury et al., 2006; Welburn et al., 2009). Instead, our results argue that stable 




We speculate that stable microtubules could enhance sliding either by providing more binding 
sites for dynein to move along the lateral sides of the microtubule, and/or by enabling the 
microtubule to withstand stresses at the cell cortex; e.g. bending and force from dynein 
motility.  
Dynactin Stabilizes Microtubules 
Dynactin is required for virtually all known cellular functions of cytoplasmic dynein, and 
is regarded as an obligate positive regulator. Typically, null mutations in dynactin subunits elicit 
phenotypes that are equivalent to null mutations in dynein (Schroer, 2004). However, we find 
that dynein and dynactin have opposite effects on microtubule stability. In contrast to heavy 
chain mutants, null mutations in the Nip100/p150glued subunit of dynactin diminish the 
frequency of microtubule-cortex interactions and lead to abnormally short astral microtubules 
(Figure 2.3.1 B-C; 2.5.1 B). Importantly, double mutants combining null alleles of dynein heavy 
chain and NIP100 also exhibit shorter astral microtubules (Figure 2.5.1 B). Therefore, NIP100 is 
epistatic to dynein heavy chain with regard to astral microtubule stability, and functional 
Nip100 must be required to generate the longer astral microtubules found in the single dynein 
heavy chain null (Figure 2.3.1). These results support a model in which dynactin has a proximal 
role in stabilizing astral microtubules.  
Our results indicate that astral microtubules are stabilized by the shoulder sub-complex 
of dynactin. The shoulder was first identified in electron microscopy analysis of purified 




(Chowdhury et al., 2015; Schafer et al., 1994; Schlager et al., 2014). The shoulder contains the 
subunits Nip100/p150glued, Jnm1/p50, and Ldb18/p24 (Schafer et al., 1994). The 
Nip100/p150glued subunit contains an N-terminal CAP-Gly domain, which binds to microtubules 
and suppresses catastrophes in vitro (Figure 2.5.1 A; (Honnappa et al., 2006; Lazarus et al., 
2013; Waterman-Storer et al., 1995). We find that mutants lacking the CAP-Gly domain exhibit 
shorter microtubules, similar to the nip100∆ null (Figure 2.5.1 B). Furthermore, mutants lacking 
the Jnm1/p50 subunit exhibit the same phenotype (Figure 2.5.1 B). Interestingly, mutants 
lacking the Arp1 filament exhibit longer microtubules, reminiscent of dynein null mutants 
(Figure 2.5.1 B). This indicates that the shoulder stabilizes microtubules through a mechanism 
that involves the CAP-Gly domain of Nip100/p150glued, but does not require the Arp1 filament. 
Although the shoulder is known to form a stable complex on its own (Moore et al., 2008), to 
our knowledge this is this first evidence of an independent cellular function for the shoulder. 
 We propose that a balance of dynactin and dynein activities control the initiation and 
magnitude of spindle movement. As depicted by our model in Figure 2.7.1, dynein and dynactin 
are first recruited to the plus ends of astral microtubules, with an approximate stoichiometry of 
two dynein motors for every dynactin complex (Figure 2.7.1, step 1; (Markus et al., 2011). 
Dynactin stabilizes the plus end, promoting microtubule polymerization that eventually delivers 
dynein-dynactin to the cortex. At the cortex, 1:1 complexes of dynein:dynactin ‘offload’ by 
binding to Num1, and begin to move along the microtubule towards the minus end (Figure 




plus end. Because the plus end begins with a 2X excess of dynein to dynactin, offloading equal 
amounts of dynein and dynactin causes an increase in the relative amount of dynein to 
dynactin that remains at the plus end. This shifts the balance toward the destabilizing activity of 
dynein, and leads to catastrophe (Figure 2.7.1, step 4). The microtubule then depolymerizes at 
a rate of 2.3µm/min, which is 1.4X faster than dynein motility (data not shown). This faster rate 
may allow depolymerization to catch up with dynein-dynactin along the microtubule lattice and 
terminate spindle movement by destroying its microtubule substrate (Figure 2.7.1, step 5). In 
summary, our model proposes that the activation of dynein motility creates negative feedback 











FIGURE 2.1.1 Microtubule dynamics during spindle movement.  
(A) Time series images of GFP-Tub1 in a wild-type cell during a dynein-dependent sliding 
event. Each image is a maximum intensity projection from a confocal Z series. Black arrowheads 
point to the plus end of the sliding microtubule. Red arrowhead points to the plus end at the 
time of a catastrophe event. Scale bar, 1 μm. (B) Life plot of the microtubule depicted in A. 
“Sliding event” denotes the time during which the microtubule is moving laterally along the cell 
cortex and the spindle is moving. Black and gray dots are the total microtubule length 
measured from the SPB to the microtubule plus end (n=14 microtubule length measurements 
over 80 seconds). Blue dots are the length on the microtubule laterally touching the cell cortex 
(n= n=9 microtubule length measurements over 45 seconds). (C) Time series images of GFP-
Tub1 in a wild-type cell during a dynein-dependent sliding event with the microtubule 
catastrophe at the start of the sliding event. Black arrowheads point to the plus end of the 
sliding microtubule. Red arrowhead points to the plus end at the time of a catastrophe event. 
Scale bar, 1 μm. (D) Life plot of the microtubule depicted in C. Black dots n=15 microtubule 
length measurements over 80 seconds. Blue dots n=10 microtubule length measurements over 
45 seconds. (E) Dot plot of time during a sliding event (sec) the microtubule spent in 
polymerization (n=39) or depolymerization(n=39). Horizontal bar shows the mean of values. (F) 
Mean catastrophe frequency during sliding events, compared to all other time in pre-anaphase 
wild-type cells. Error bars are SEM and p-value is determined by t test. Non-sliding microtubules 
n=24; sliding microtubules, n=41. (G) Scatter plot depicting the coefficient of determination for 
microtubule time spent in depolymerization (sec) and sliding duration. Dotted line is the best fit 
to a linear correlation and outer lines show the 95% confidence interval. n=33 sliding events. 
(H) Scatter plot depicting the coefficient of determination for maximum microtubule length 





FIGURE 2.2.1 Microtubule stability determines the duration of spindle movement.  
(A) Representative images of pre-anaphase cells with GFP-Tub1 labeled microtubules of 
the indicated genotypes. Each image is a maximum intensity projection from a confocal Z series. 
Scale bars, 1 μm. The corresponding kymographs track the fluorescent intensity of the spindle 
over time (10 minutes) showing spindle movement. (B) Mean of the maximum astral 
microtubule length reached during a sliding event in pre-anaphase cells. EpoA are WT cells 
treated with epothiloneA or DMSO control. WT, n=51 microtubules; tub2-430∆ n=97; kip3∆, 
n=208; EpoA, n=106; DMSO, n=42. (C) Mean sliding duration in seconds. WT, n=52 
microtubules; tub2-430∆ n=97; kip3∆, n=204; EpoA, n=157; DMSO, n=88. (D) Mean sliding 
frequency displayed in events per minute. WT, n=91 microtubules; tub2-430∆ n=73; kip3∆, 
n=53; EpoA, n=157; DMSO, n=88. E) Mean frequency of microtubule-cortex interactions per 
minute. WT, n=39 cells; tub2-430∆ n=38; kip3∆, n=58. All error bars are SEM. Asterisks denote a 
significant difference from wild type. *p <0.05 **p <0.005,***p <0.0006 ****p < 0.0001, 
determined by t test. F) Position of pre-anaphase spindles (<1.9µm) in asynchronous cell. WT, 
n=837 cells; dyn1∆, n=433; tub2-430∆ n=770; kip3∆, n=959. Error bars are SEP. G) Position of 
anaphase spindles (≥1.9µm) in asynchronous cell. WT, n=333 cells; dyn1∆, n=405; tub2-430∆ 





FIGURE 2.3.1 Dynein regulates microtubule dynamics.  
(A) Time series images of GFP-Tub1 in a dynein null cell in pre-anaphase to indicate 
microtubule dwell time at the cell cortex. Time scale (sec) shown below each image. Scale bar, 1 
μm (B) Median frequency of microtubule plus end cortical interactions per minute. WT, n=34 
cells; dyn1∆, n=59; num1∆ n=56; nip100∆, n=30. Error bars are 95% c.i. (C) Median percent time 
with the microtubule plus end at the cell cortex. WT, n=28 cells; dyn1∆, n=38; num1∆ n=31; 
nip100∆, n=20. Error bars are 95% c.i. (D) Representative images of microtubules labeled with 
GFP-Tub1 in pre-anaphase cells of the indicated genotypes. Arrowheads point to astral 
microtubules. Each image is a maximum intensity projection from a confocal Z series. Scale 
bars, 1 μm. (E) Median astral microtubule length in pre-anaphase cells at 25°C and 37°C. 25°C: 
WT, n=341 microtubules; dyn1∆ n=278; tub2-430∆, n=152; 37°C: tub2-430∆ td-dyn1∆, n=46; 
dyn1∆ n=60; WT, n=62. Error bars are 95% c.i. (F) Median astral microtubule length in 
galactose. OE-DYN1, n=343; native, n=399; dyn1∆ n=221. Error bars are 95% c.i. (G) 
Representative life plots displaying the lengths of single microtubules over time. Arrows point 
to catastrophe events. (H) Mean dynamicity displayed in tubulin subunits per second. WT, n=68 
growth or shrinkage events; dyn1∆ n=47; OE-DYN1, n=49. Error bars are SEM. Asterisks denote 
a significant difference from wild type. *p <0.05 **p <0.005,***p <0.0006 ****p < 0.0001, 





FIGURE 2.4.1 Dynein requires a functional motor to alter microtubule dynamics.  
(A) Diagram of dynein heavy chain, including the N-terminal tail domain, ATPase ring 
and microtubule binding domain (MTBD). Colored regions are tested in our analysis. (B) 
Representative images of cells expressing Dyn1-3GFP (yellow) and mRuby2-Tub1 (magenta).  
Each image is a maximum intensity projection from a confocal Z series. Arrowheads point to the 
different locations of dynein foci. Scale bars, 1 μm. (C) Median astral microtubule length in pre-
anaphase cells. Data for WT and dyn1∆ from Fig 2.1.1B are included for reference. dyn1∆MTBD, 
n=158 microtubules; dyn1-WA1, n=175; dyn1-WA3, n=184. Error bars are 95% c.i. (D) Mean 
dynamicity displayed in tubulin subunits per second. Data for WT and dyn1∆ from Fig 2.1.1E are 
included for reference. dyn1-WA1, n=52 growth or shrinkage events; dyn1-WA3, n=87. Error 
bars are SEM. Asterisks denote a significant difference from wild type. *p <0.05 **p 






FIGURE 2.5.1 Components of the dynactin complex stabilize microtubules.   
(A) Diagram of the dynactin complex including the Arp1 filament, shoulder and arm 
domains to include Jnm1 and Nip100. Colored regions are tested in our analysis. (B) Median 
microtubule length measured in pre-anaphase cells (μm). Diagram shows cellular location for B-
bud directed microtubules and M-mother directed microtubules. WT n= 166 cells; nip100∆, 
n=192 cells; dyn1∆ nip100∆, n=152 cells; nip100∆CAP-Gly, n=313 cells; jnm1∆, n=174 cells; 
arp1∆, n=128 cells. Error bars are 95% c.i. Asterisks denote a significant difference from wild 






FIGURE 2.6.1 Dynein and dynactin localization during sliding events.  
(A) Time lapse images from a wild-type cell expressing Dyn1-3GFP and Jnm1-tdimer2 
during a sliding event.  Each image is a maximum intensity projection from a confocal Z series. 
Merge images show Dyn1-3GFP in green and Jnm1-tdimer2 in red. Arrowheads point to the 
microtubule plus end and arrows point to stationary cortical foci. Dashed black lines are fiducial 






FIGURE 2.6.2 Dynein and dynactin localization during sliding events.  
(B) Localization of Dyn1-3GFP and Jnm1-tdimer2 at the plus end during the sliding 
event, from the boxed region in A. Scale bar, 1 μm. (C) Change in Dyn1-3GFP and Jnm1-tdimer2 
signal during sliding events. Each dot represents the ratio of fluorescence intensity at t=40s of 
the sliding event divided by the intensity at t=0s. Black dots are measurements from the plus 
ends and gray dots are measurements at stationary cortical foci. Red bars are the median. (D) 
Change in the ratio of Jnm1-tdimer2 to Dyn1-3GFP signal during sliding events. Each dot 
represents the fluorescence intensity of Jnm1-tdimer2 divided by the fluorescence intensity of 
Dyn1-3GFP at the same region. Black dots are measurements from the plus ends and gray dots 
are measurements at stationary cortical foci. Red bars are the median. Cells were HU arrested 
and 17 sliding events were analyzed. Asterisks denote a significant difference. *p <0.05 **p 





FIGURE 2.7.1 Model for regulating dynein-dependent spindle movement.  
Images are from a cell expressing GFP-tubulin. Cartoons depict the predicted localization 
of dynein and its regulators during (1) the arrival of the plus end and the cortex, (2-3) the 
initiation of lateral microtubule sliding and spindle movement, (4) the switch to 





FIGURE 2.8.1 Properties of the microtubule while sliding along the cell cortex.  
(A) Median of the maximum astral microtubule (MT) length reached during a sliding 
event in asynchronous (async) pre-anaphase cells and HU-arrested cells. (B) Median sliding 
duration in seconds. (C) Median time spent in depolymerization during a sliding event. (A–C) 
Pre-anaphase cells, n = 28; HU-arrested cells, n = 39. Error bars are 95% c.i. (D) Dot plot of the 
rate of polymerization (polym; n = 26 microtubules) and depolymerization (depolym; n = 39 
microtubules) of microtubules along the cortex during sliding events. (E) Scatter plot depicting 
the coefficient of determination for time to catastrophe (seconds) and sliding duration 
(seconds). n = 32 microtubules. (F) Scatter plot depicting the coefficient of determination for 
maximum length of microtubules along the cortex (µm) and sliding duration (seconds). n = 34 
microtubules. (G) Scatter plot depicting the coefficient of determination for time the 
microtubule spends increasing its length along the cortex (seconds) and sliding duration 
(seconds). n = 25 microtubules. (H) Scatter plot depicting the coefficient of determination for 
time the microtubule spends decreasing its length along the cortex (seconds) and sliding 





FIGURE 2.9.1 Mutants with long microtubules increase cortical contacts, sliding frequency, and 





FIGURE 2.9.1 Mutants with long microtubules increase cortical contacts, sliding frequency, and 
sliding duration.  
(A) Box and whisker plot of maximum microtubule length reached during a sliding event 
(µm). The center bar denotes the median, the box denotes the first and third quartiles, and 
whiskers are maxima and minima. WT, n = 51 sliding events; tub2-430Δ, n = 97; kip3Δ, n = 208. 
(B) Box and whisker plot of sliding event duration (seconds). WT, n = 52 sliding events; tub2-
430Δ, n = 97; kip3Δ, n = 204. (C) Mean instantaneous velocities (µm/min) for spindle movement 
in pre-anaphase cells. WT, n = 95 cells; tub2-430Δ, n = 144. Error bars are SEM. (D) Mean 
fluorescent intensity (arbitrary units [a.u.]) of Dyn1-3GFP foci (FI) at the plus end of the 
microtubule. WT, n = 68 microtubule plus ends; tub2-430Δ, n = 106. Error bars are SEM. (E) Box 
and whisker plot of sliding frequency (sliding events/ min). Red bars denote the median, boxes 
denote the first and third quartiles, and whiskers are maxima and minima. WT, n = 91 cells; 
tub2-430Δ, n = 73; kip3Δ, n = 53. (F) Box and whisker plot of microtubule–cortex interactions 
(events/min). WT, n = 39 cells; tub2-430Δ, n = 38; kip3Δ, n = 57. (G) Mean value for the ratio of 
sliding events over cortical contacts. WT, n = 39 cells; tub2-430Δ, n = 38; kip3Δ, n = 57. Error 
bars are SEM. (H) Box and whisker plot of cortical dwell time (seconds). WT, n = 52 cells; tub2-
430Δ, n = 49; dyn1Δ, n = 64. Asterisks denote a significant difference from WT. *, P < 0.05; **, P 
< 0.005; ***, P < 0.0006; ****, P < 0.0001; determined by t test with the exception of G where 






FIGURE 2.10.1 Distributions of microtubule dynamics measurements. 
(A) Box and whisker plot of astral microtubule length (µm) of cells in pre-anaphase. The 
center bar denotes the median, the box denotes the first and third quartiles, and whiskers are 
maxima and minima. WT, n = 371 microtubules; Dyn1-3YFP, n = 300; dyn1Δ, n = 278; tub2-
430Δ, n = 144; tub2-430Δ td-dyn1, n = 46; dyn1-WA1, n = 175; dyn1-WA3, n = 184; dyn1Δ-
MTBD, n = 158; pac1Δ, n = 160; num1Δ, n = 203; nip100Δ, n = 134; dyn1Δnip100Δ, n = 1,310; 
kip3Δ, n = 132; uninduced OE-DYN1, n = 208; OE-DYN1, n = 339; uninduced OE-DYN1 pac1Δ, n = 
1,048; OE-DYN1 pac1Δ, n = 753; uninduced OE-DYN1 num1Δ, n = 1662; OE-DYN1 num1Δ, n = 
907. (B) Box and whisker plot of dynamicity (tubulin subunits/second). WT, n = 68 growth or 
shrinkage events; DYN1-3YFP, n = 22; dyn1Δ, n = 47; OE-DYN1, n = 48; tub2-430Δ, n = 16; dyn1-
WA1, n = 52; dyn1-WA3, n = 87; pac1Δ, n = 60; num1Δ, n = 76; nip100Δ, n = 22. (C) Box and 






FIGURE 2.10.2 Distributions of microtubule dynamics measurements.  
(D) Box and whisker plot of rescue frequency (events/shrinkage minute). WT, n = 68 
microtubules; DYN1-3YFP, n = 22; dyn1Δ, n = 47; OE-DYN1, n = 48; tub2-430Δ, n = 55; dyn1-
WA1, n = 52; dyn1-WA3, n = 87; pac1Δ, n = 60; num1Δ, n = 76; nip100Δ, n = 23. (E) Box and 
whisker plot of catastrophe frequency (events/growth minute). WT, n = 68 microtubules; DYN1-
3YFP, n = 22; dyn1Δ, n = 47; OE-DYN1, n = 48; tub2-430Δ, n = 55; dyn1-WA1, n = 52; dyn1-WA3, 
n = 87; dyn1-MTBD-3YFP, n = 60; num1Δ, n = 76; nip100Δ, n = 23. (F) Box and whisker plot of 
polymerization rate (µm/second). WT, n = 68 microtubules; DYN1-3YFP, n = 22; dyn1Δ, n = 47; 
OE-DYN1, n = 48; tub2-430Δ, n = 55; dyn1-WA1, n = 52; dyn1-WA3, n = 87; dyn1Δ-MTBD, n = 
31; pac1Δ, n = 60; num1Δ, n = 76; nip100Δ, n = 23. (G) Box and whisker plot of 
depolymerization rate (µm/second). WT, n = 68 microtubules; DYN1-3YFP, n = 22; dyn1Δ, n = 
47; OE-DYN1, n = 48; tub2-430Δ, n = 55; dyn1-WA1, n = 52; dyn1-WA3, n = 87; pac1Δ, n = 60; 





FIGURE 2.11.1 Dynein remains at the plus end of the microtubule during sliding, whereas the 
dynactin component Nip100 is depleted.  
(A) Representative image of a cell expressing Dyn1-3GFP (yellow) and mRuby2-Tub1 
(magenta). The image is a maximum intensity projection from a confocal Z series. (B) Time 
series of images showing Dyn1-3GFP localization at the plus end of the microtubule during a 
sliding event. (C) Fluorescence intensity measurements of the Dyn1-3GFP at the plus end of the 
microtubule during the sliding event in B. a.u., arbitrary units. n = 13 measurements during 
110 s. (D) Representative image of a cell expressing Nip100-3GFP (yellow) and mRuby2-Tub1 
(magenta). The image is a maximum intensity projection from a confocal Z series. (E) Time 
series of images showing Nip100-3GFP localization at the plus end of the microtubule during a 
sliding event. (F) Fluorescence intensity measurements of the Nip100-3GFP at the plus end of 





FIGURE 2.11.2 Dynein remains at the plus end of the microtubule during sliding, whereas the 
dynactin component Nip100 is depleted.  
(G) Box and whisker plot of 3GFP fluorescent intensity (arbitrary units) at the first time 
point of a sliding event. The center bar denotes the median, the box denotes the first and third 
quartiles, and whiskers are maxima and minima. Dyn1, n = 43 sliding events; Nip100, n = 28; 
Pac1, n = 28. (H) Box and whisker plot of the ratios of fluorescence intensity at the final time 
point of the sliding event divided by the intensity at the first time point. Black boxes represent 
plus-end measurements. Gray boxes represent measurements of cortical foci. Dyn1, n = 37 
time-matched ratio values for plus end and cortical foci; Nip100, n = 30; Pac1, n = 28. P-values 






TABLE 1.1.1. Microtubule dynamics measurements.  
µm, micron; min, minute; sec, second. Sample size (n) indicates the number of GFP-Tub1 
labeled astral microtubules analyzed for each genotype. Values are mean  SEM. Boldface 
indicates statistical significance (p<0.05) compared wild type, determined by t-test. Bold italics 
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62 ± 3 
2.8 ± 
0.2 
34 ± 2 
3.2 ± 
0.2 








68 ± 4 
3.0 ± 
0.3 
26 ± 2 
3.2 ± 
0.2 





dyn1∆    
(n=47) 
49 ± 2 
1.8 ± 
0.1 
51 ± 3 
2.5 ± 
0.1 






DYN1       
(n=48) 
52 ± 3 
2.2 ± 
0.2 
24 ± 3 
1.9 ± 
0.1 








56 ± 6 
1.9 ± 0.1 
44 ± 2 
2.5 ± 0.1 
32 ± 2 
1.0 ± 0.1 




44 ± 2 
2.0 ± 0.2 
42 ± 4 
2.3 ± 0.2 
39 ± 3 
1.3 ± 0.2 
1.4 ± 0.2 
dyn1-WA3 
(n=87) 
40 ± 2 
1.7 ± 0.1 
51 ± 2 
2.2 ± 0.1 
41 ± 3 
1.3 ± 0.2 
1.0 ± 0.2 
pac1∆      
(n=60) 
48 ± 2 
1.5 ± 0.1 
52 ± 2 
2.4 ± 0.1 
32 ± 1 
1.1 ± 0.2 
0.8 ± 0.1 
num1∆     
(n=76) 
60 ± 4 
1.8 ± 0.1 
41 ± 2 
2.3 ± 0.1 
31 ± 2 
1.2 ± 0.2 
1.1 ± 0.2 
nip100∆     
(n=23) 
54 ± 4 
1.7 ± 0.1 
50 ± 3 
2.6 ± 0.2 
41 ± 3 
0.8 ± 0.1 
0.6 ± 0.1 
tub2-430∆     
(n=55) 
47 ± 3 
1.8 ± 0.2 
61 ± 5 
2.5 ± 0.2 
44 ± 4 
0.9 ± 0.2 
0.7 ± 0.1 






MITOTIC SPINDLE MOVEMENT INHIBITS DNA REPAIR 
Introduction 
During cell division, the cytoskeleton to generates forces to build the mitotic spindle, 
separate duplicated chromatids and move each copy of the genome to regions of the cytoplasm 
that will belong to the resulting daughter cells. Cells accomplish these tasks using spatially 
distinct microtubule networks. Within the spindle, microtubule associated proteins (MAPs) and 
motors organize spindle microtubules to segregate chromosomes and stabilize the spindle. 
Outside the spindle, astral microtubules and associated proteins move each copy of the 
genome material to precise locations in the dividing cell. How is genome integrity maintained 
when the cell undergoes dramatic reorganization, including the movement and deformation of 
the nucleus?  
Studies of mammalian migrating cells provide an example of how dramatic cellular 
reorganization can damage the nucleus and genome. Forcing mammalian interphase cells to 
migrate through a narrow pore disrupts genome integrity (Shah et al., 2017). Migrating cells 
first display nuclear deformities that can lead to rupture of the nuclear envelope due to 
mechanical forces from actin imposed on the nucleus (Denais et al., 2016; Raab et al., 2016; 
Thiam et al., 2016). Ruptures are seen at the leading edge of the nucleus corresponding to a 
disappearance of lamina and nuclear pore complexes resulting in a nuclear membrane bleb 




exchange between the nuclear and cytoplasmic contents (Denais et al., 2016; Raab et al., 2016). 
The location and amount of damage that occurs due to nuclear rupture varies. DNA damage 
marker 53BP1 accumulates within minutes of nuclear rupture proximal to the rupture site 
(Denais et al., 2016; Irianto et al., 2017; Raab et al., 2016). Possible mechanisms of DNA damage 
include rupture allowing cytoplasmic components such as nucleases and organelles into the 
nucleus (Shah et al., 2017). Another possible mechanism includes mechanical forces on the 
nucleus shearing DNA (Shah et al., 2017). While we have gained knowledge of how mechanical 
forces can damage DNA in interphase cells, we know much less about how forces could affect 
the genome during mitosis. Therefore, we were interested in whether forces involved in 
moving the mitotic spindle can cause DNA damage or inhibit repair.  
Genome integrity must be maintained during cell division when there are many 
counteracting forces involved in building and positioning the mitotic spindle. A bipolar spindle is 
built through dynamic microtubules interacting with various motor proteins, cross linkers and 
kinetochores on the chromosomes. Components within the spindle provide inward and 
outward pushing forces to keep the spindle at an optimal length to attach to sister chromatids 
and avoid segregation errors during mitosis. The balance of forces model, within the mitotic 
spindle, is thought to be required for faithful chromosome segregation(Cottingham and Hoyt, 
1997b; Dumont and Mitchison, 2009; Nannas et al., 2014).The core structural component of the 
spindle is microtubules. Outward spindle forces are provided by microtubule associated 




Chromosomes are attached to microtubules through the kinetochore complex built on 
centromeric DNA (Bouck et al., 2008; Cheeseman and Desai, 2008). The attachment to 
microtubules creates tension between sister chromatids and provides the inward directed force 
due to the elastic properties of DNA and integrated proteins (Goshima and Yanagida, 2000; 
Larson et al., 2011; Pearson et al., 2001; Stephens et al., 2011; Tanaka et al., 2000). Cohesion 
holds sister chromatids together and is important for maintaining and sensing proper tension 
between chromatids (Stephens et al., 2011; Yong-Gonzales et al., 2012). Interpolar 
microtubules consist of anti-parallel microtubules bound by protein cross linkers, such as Ase1, 
and motors to stabilize the bipolar spindle (Pellman et al., 1995; Winey et al., 1995). While the 
balance of forces in the spindle work together to build and maintain a bipolar spindle, how 
forces outside of the nucleus impact spindle dynamics is unclear. 
Astral microtubules interact with the cell cortex through motor proteins to position the 
mitotic spindle within the cell. Dynein, kinesins and protein cross-linkers to the actin network 
interact with astral microtubule plus ends to alter dynamics and move the spindle. Similarly, to 
maintaining the balance of forces within the spindle forces, forces from motor protein must be 
balanced to regulate astral microtubule length outside of the spindle. Increased astral 
microtubule stability results in aberrant spindle positioning(Estrem et al., 2017; Rankin and 
Wordeman, 2010; Tame et al., 2014). 
We investigate how outside forces on astral microtubules impact the integrity of the 




outside the nucleus impact the integrity of the genome during mitosis. Budding yeast exhibit a 
closed mitosis, where the nuclear envelope does not break down (Byers and Goetsch, 1975). 
The dividing cell moves the nucleus, containing the genome and spindle, through a cellular 
constriction between the mother and daughter, called the bud neck (Adames and Cooper, 
2000; Yeh et al., 2000). This movement is accomplished by complementary pathways that first 
orient the spindle along the mother-daughter axis, and then move the spindle into the bud 
neck. A cross-linker, Kar9, is recruited to the plus end of the astral microtubule growing toward 
the new daughter cell and interacts with the actin network to orient the mitotic spindle 
(Adames and Cooper, 2000; Miller and Rose, 1998). Then prior to anaphase, cells contain short 
bipolar spindles with single astral microtubule that interacts with dynein to mechanically pull 
the spindle into the bud neck (Adames and Cooper, 2000; Markus and Lee, 2011b). Dynein acts 
exclusively outside of the spindle and its activity is restricted to positioning the spindle during 
pre-anaphase and anaphase. Once dynein is anchored at the cell cortex, it moves to the minus 
end of the astral microtubule attached to the spindle pole body. As dynein walks toward the 
spindle pole body it slides the astral microtubule past itself, along the cell cortex, and pulls the 
spindle in the same direction as the microtubule; this process is called a sliding event. As the 
nucleus is pulled into the bud neck, the nuclear envelope is deformed from a circle into a bow 
tie shape. It is unknown whether genome integrity is impacted during excessive nuclear 




Cells contain multiple checkpoints to ensure cell division is successful. Within the 
spindle, microtubules from opposing poles must attach to sister chromatids (Biggins and 
Murray, 2001; Cohen-Fix et al., 1996; Schott and Hoyt, 1998). Astral microtubules must move 
the spindle to a precise location to satisfy the spindle position checkpoint (Pereira et al., 2000). 
Constant DNA damage surveillance is present in the nucleus, ready to halt the cell cycle to 
repair the damage. If DNA damage occurs in S or G2 of the cell cycle, the DNA damage 
checkpoint blocks progression into anaphase until the damage is repaired (Weinert, 1998). 
Homologous recombination is the major mechanism of DNA double stranded break (DSB) repair 
to retain genome integrity (Orr-Weaver et al., 1981; Szostak et al., 1983). Homologous 
recombination occurs in S or G2 of the cell cycle when a copy of the DNA is present and nearby 
(Symington et al., 2014).  The DSB undergoes 5’ to 3’ resection by the Mre11-Rad50-Xrxs2 
(MRX) complex, priming the leading strand for strand invasion when a region of homology is 
found (Ivanov et al., 1994; Mimitou and Symington, 2010). Rad52 is essential for homologous 
recombination in budding yeast due to its role in mediating the loading of Rad51 and annealing 
complementary single-stranded DNA (Game and Mortimer, 1974; Mortensen et al., 1996; New 
et al., 1998; Shinohara and Ogawa, 1998). Rad51 recombinase searches for the homologous 
sequence on the sister chromatid for the repair template (Sung, 1997). The rate limiting step in 
the repair process is searching for a donor template (C.S. Lee et al., 2016). DSBs increase 
chromosomal mobility, which is regulated by many of the repair factors involved in homologous 




repair DNA damage is still an open question. Lawrimore et al. found microtubules and motor 
proteins outside of the nucleus contribute to chromosomal movement (Lawrimore et al., 2017). 
One proposed mechanism is chromosomal mobility aids in the search to find the homologous 
donor strand of DNA (Lawrimore et al., 2017; Lee et al., 2016). When the leading strand cannot 
find a homologous donor template the DSB and the associated repair proteins are recruited to 
the nuclear periphery (Oza et al., 2009). We investigate how aberrant nuclear movement 
impacts homology directed repair.  
In this study, we examine how nuclear movement disrupts genome integrity by 
inhibiting homologous recombination. We use live-cell imaging of mutants that increase the 
frequency and extent of nuclear migration through the bud neck to examine how forces outside 
of the nucleus impact spindle stability, nuclear morphology and the efficiency of DNA repair. 
Our results show that forces exerted on astral microtubules are transmitted through spindle 
microtubules and lead to distortions of pericentric DNA. Cells experiencing increased nuclear 
migration exhibit persistent Rad52 foci, indicative of delayed DSB repair during S and G2 phase. 
This repair defect can be rescued by cohesion mutants that loosen pericentric cohesion and 
allowing more mobility between sister chromatids. In addition, we show extended nuclear 
deformations caused by dynein and bud neck constrictions result in increased DNA damage and 
this damage is alleviated by widening the bud neck region. Our results demonstrate that 




suggest proper regulation of astral microtubules may be coordinated with pathways that 
maintain genome integrity. 
Materials and Methods 
Yeast Strains and Manipulation 
Chemicals and reagents were from Fisher Scientific (Pittsburgh, PA) and Sigma-Aldrich 
(Saint Louis, MO), unless stated otherwise. General yeast manipulation, media and 
transformation were performed by standard methods (Amberg et al., 2005). Fluorescent tag 
fusions to Rad52, Mre11, Spc110, Htb2, and Myo1 are integrated at the native loci (Sheff and 
Thorn, 2004). The mNeonGreen fluor was provided by Allele Biotechnology and 
Pharmaceuticals (San Diego, CA)  (Shaner et al., Nature Methods 2013). GFP-Tub1 and mRuby-
Tub1 fusions were integrated and expressed ectopically to the native TUB1 gene (Markus et al., 
2015; Song and Lee, 2001). The mutant alleles of TUB2 and NIP100 were generated at the 
native chromosomal loci (Aiken et al., 2014; Moore et al., 2008). Deletion mutants were 
generated by conventional PCR-mediated methods (Petracek and Longtine, 2002). 
Live Cell Imaging 
Cells were grown overnight in rich media (2% glucose, 2% peptone, and 1% yeast 
extract) at 30°C then diluted into synthetic media (2% glucose, CSM from Sunrise Science 
Products, #1001 San Francisco, CA) and grown to log phase at 30°C. Cells were grown 
asynchronously to early log phase in nonfluorescent media and adhered to slide chambers 




(Vaseline, lanolin and paraffin at 1:1:1). Images were collected on a Nikon Ti-E microscope 
equipped with a 1.45 NA 100× CFI Plan Apo objective, piezo electric stage (Physik Instrumente, 
Auburn, MA), spinning disk confocal scanner unit (CSU10; Yokogawa), 488-nm and 561-nm 
lasers (Agilent Technologies, Santa Clara, CA), and an EMCCD camera (iXon Ultra 897; Andor 
Technology, Belfast, UK) using NIS Elements software (Nikon). During acquisition, the 
temperature of the stage was 25°C. Z series consisted of 13 images separated by 500 nm.  
Analysis of Pre-anaphase Spindle Length and Sliding 
Spindle lengths were measured in cells expressing an integrated fusion of GFP to the N-
terminus of -tubulin (GFP-Tub1) in asynchronous populations. All images were collected under 
the same microscope setting of: 92% 488 laser power and exposure of 50 milliseconds. 13 z 
slices were taken at 500 nm intervals. Image stacks were collapsed into 2D image projections 
based on maximum pixel intensity. Spindle lengths were measured along the long axis of the 
spindle in large budded cells before anaphase onset. According to Winey et al., spindle lengths 
of 1.5 to 6 µm are considered anaphase B spindle length in WT cells (Winey and O’Toole, 2001). 
To analyze changes in pre-anaphase spindle length, we measured spindle lengths below 3 µm 
to include mutant spindle lengths. We use additional criteria to exclude anaphase spindles, 
noting spindle lengths between 1.5 - 3 µm did not consistently elongate over time. A custom 
MATLAB program was used to define the spindle using 2D projection and a threshold. Then the 
program measured the length along the long axis of the spindle and tracked the spindle 




theorem relative to the first frame. A sliding event was defined as three or more frames of 
directed movement, meaning spindle movement in the same direction within a 45-degree angle 
constraint. Change in spindle length, denoted as variation, was calculated by the absolute value 
of the difference between spindle lengths at each time point and the mean spindle length of 
the entire sliding event or the same duration before the sliding event. For all live-cell imaging 
experiments, cells were analyzed from at least 3 separate experiments performed on different 
days. 
Analysis of CENIV Foci Number 
To assess the tension state between sister kinetochores, we imaged the pericentric 
regions of chromosome IV labeled with a TetO array. Strains containing TetOx448 array 
integrated 2kb from centromere on chromosome IV along with a TetR fusion to GFP were 
derived from Brito et al (2010) (Fees et al., 2016; Goshima and Yanagida, 2000). For single time 
point images, we analyzed cells containing two SPC110-tdTomato foci less than 1.8 µm, to 
insure cells were in pre-anaphase (Fees et al., 2016). From this pre-anaphase cell population, 
we categorized CENIV-GFP foci number into bins of one, two, three or four CENIV-GFP foci per 
cell. The number of cells in each category was divided by total cells counted to achieve percent 
of cells containing each number of CENIV foci.  
To assess how 3 and 4 CENIV-GFP foci arise we imaged cells over time. Cells containing 
Spc110-tdTomato and CENIV-GFP where imaged at 10 second intervals for 5 minutes. We 




stationary. Moving spindles were classified as 3 or more frames of Spc110-tdTomato movement 
is the same direction within a 45-degree angle constraint. The CENIV-GFP foci number was then 
recorded for each time point. To calculate the percentage of time a cell spent with each CEN 
foci number, we divided the total time a cell contained 1,2,3 or 4 CENIV-GFP foci by the 
duration of total spindle movement or the total duration containing a stationary spindle. For 
example, we collected the total time cells contained 2 CENIV-GFP foci during spindle migration 
and divided that duration by the total time of all observed migrating spindles.  
Analysis of Rad52 and Mre11 Foci 
To assess DSB repair, we imaged living cells expressing either labeled Rad52 or Mre11, 
along with labeled microtubules to allow for determination of cell cycle state, based on spindle 
morphology. Two-color images of living cells expressing GFP-Tub1 and Rad52-tdTomato were 
collected by confocal microscopy, as described above. First, each cell was categorized into three 
different phases of the cell cycle based on spindle morphology and bud size. The microtubule 
network and bud size were visualized by GFP-Tub1 labeling microtubules and diffuse 
fluorescence in the cytoplasm, respectively. Cells without a bud and without a linear, bipolar 
spindle were characterized as G1. Cells with a bud and a short bipolar spindle (< 1.9 µm) were 
characterized as M cells (combining S phase and G2/M phase). Cells with an elongated bipolar 
spindle greater than 1.9 µm were characterized as anaphase cells (Estrem et al., 2017; Winey et 
al., 1995). After cell cycle characterization, each cell was analyzed for the presence of a Rad52 




presence of Rad52 foci in each cell. Using our standard imaging conditions, the average 
fluorescence intensity of Rad52-tdTomato foci is 2204 ± 94 a.u. (mean ± 95%CI). Therefore, we 
designed an ImageJ macro to identify foci above the lower 95% CI of the mean (i.e. 2100 a.u.). 
We also set the area of a Rad-52 focus must be above the confocal resolution limit of at least 
285 nm. Similar settings were defined for Rad52-YFP and Mre11-mNeonGreen. 
We measured the duration of mitosis and Rad52 foci lifetime by time lapse imaging of 
living cells expressing GFP-Tub1 and Rad52-tdTomato. The lifetime of a Rad52 focus was 
calculated by the last frame in which the foci was detected above our fluorescence intensity 
threshold (2100 a.u.) subtracted by the first frame the focus was detected above the threshold, 
multiplied by the time interval of 3 minutes. Due to the variability of long duration time lapse 
imaging, the maximum foci duration was set at 150 minutes. Therefore, any foci duration over 
150 minutes was changed to 150 minutes to include long lasting foci in the dataset. To 
determine the position of Rad52 foci within the nucleus we calculated the minimum distance in 
µm from the centroid of the Rad52-tdTomato foci to the centroid of the spindle labeled by 
Tub1-GFP. The distance from Rad52 to the spindle was measured on single time point 
population data of asynchronous cells and in time lapse data over 150 minutes.  
HO Endonuclease Assay 
We induced a DSB by conditionally expressing the HO endonuclease. The HO 
endonuclease creates DSBs at the MAT locus, which is located on chromosome III, 7 kb from the 




gene is carried on a single-copy plasmid under control of the GAL10 promoter (Dotiwala et al., 
2007; Wu and Haber, 1996). Overexpression was achieved by first growing cells to early log 
phase in media containing 2% raffinose, then adding galactose to 2% and returning to a 30ºC 
shaking incubator for 2 hours. Over-expression was confirmed by the increase in Rad52 foci in 
wild-type controls, compared to uninduced cells. 
Bud Neck Size Analysis 
Bud neck diameter and cell size where measured in 2D maximum intensity projections 
of cells expressing eGFP fused to the type II myosin (Myo1-EGFP), which localizes to the 
cytokinetic ring (Bi, 1998). Cell size was measured from the distal tip of the bud to the distal tip 
of the mother based on the signal from free GFP-tubulin subunits in the cytoplasm. 
Htb2 Imaging and Analysis 
To assess genome shape changes during mitosis, cells expressing differentially labeled 
histone H2B (Htb2-mNeonGreen) and microtubules (mRuby-Tub1) were imaged at 2-minute 
intervals for one hour. Eccentricity was calculated by the ratio of the distance between the 
center of Htb2 shape and its major axis length. The value calculated is between 0 and 1, with 
closer to 0 representing more circularity and closer to 1 deviating from circularity. The diameter 






To validate that Rad52-tdTomato and Mre11-mNeonGreen foci represent sites of DSB 
repair, we induced DNA damage with methyl methanesulfonate (MMS). MMS is a DNA 
alkylating agent which causes reactive oxygen species (ROS) production that leads to multiple 
mechanisms of DNA damage, including double stranded breaks (Rowe et al., 2008). Cells 
expressing Tub1-GFP and Rad52-tdTomato or Mre110-mNeonGreen were grown to early log 
phase in synthetic media at 30 °C, then treated with 0.03% MMS for 2 hours. After 2 hours, the 
frequency of cells exhibiting fluorescently labeled Rad52-tdTomato and Mre11-mNeonGreen 
foci increased 10-fold compared to untreated control cells. 
Results 
Forces from Nuclear Migration are Transmitted Through the Spindle  
Could forces from outside the nucleus alter spindle organization and genomic integrity?  
Forces from motor proteins on astral microtubules position the mitotic spindle. To determine 
whether astral microtubule forces contribute to the length of the spindle, we measured 
changes in spindle length during nuclear migration. Wild type (WT) spindles containing GFP-
labeled microtubules (GFP-Tub1) were measured before and during nuclear migration. 
Variation in spindle length was calculated by the absolute value of the difference at each time 
point and the mean spindle length over the time of nuclear migration. We define nuclear 
migration as when an astral microtubule hits the cell cortex and curls along it, pulling the 




In this example, spindle length remains constant during migration, with a small amount of 
length variation of 0.02 µm (Figure 3.1.1 B, D).  
We reasoned that proteins that crosslink interpolar microtubules might resist spindle 
length changes when pulling forces are transmitted from astral microtubules. To test this 
prediction, we deleted ASE1, which crosslinks interpolar microtubules in the spindle and 
analyzed spindle length variation over time (Juang et al., 1997; Pellman et al., 1995). Figure 
3.1.1 C shows an example of nuclear migration in an ase1∆ mutant cell. At time 0, before the 
spindle moves, the spindle is compact with the length at 0.98 µm (Figure 3.1.1 C). As the 
leading edge of the nucleus moves through the bud neck, the spindle elongates to a maximum 
length of 2.27 µm. When nuclear movement stops, the spindle shortens and returns to a length 
similar to the length observed before migration. This cell shows a significant increase in spindle 
length variation during migration of 0.48 µm (Figure 3.1.1 C, E). 
By analyzing a population of cells, we find that ase1∆ mutant spindles exhibit a wider 
distribution of spindle lengths and a significantly greater mean spindle length compared to WT 
cells (Figure 3.1.2 G). To distinguish whether ase1∆ spindles exhibit increased changes in length 
due to pulling forces from astral microtubules, we compared the variation of spindle lengths 
before and during nuclear migration (Figure 3.1.2 F). We examined 17 nuclear migration events 
and measured spindle lengths over time, focusing on the length of the spindle immediately 
before and during the sliding event. Spindle length variation did not change significantly before 




spindle length variation did change significantly before and during sliding for ase1∆ mutant cells 
(P value = 0.005 determined by Mann-Whitney test) (Figure 3.1.2 F). Our results show that 
dynein-dependent pulling forces on astral microtubules are normally transmitted through the 
spindle, and cause the entire spindle to move without changing length. Disrupting crosslinks 
between interpolar microtubules disrupts the transmission of forces, and pulling forces on 
astral microtubules cause one pole to move away from the other and the spindle to change its 
length. 
Nuclear Migration Increases Tension on Pericentromeric Chromatin 
We next investigated how nuclear migration impacts chromatin organization in the 
mitotic spindle. We used a previously characterized method to image pericentromeric 
chromatin by integrating a tetO array two kilobases away from the centromere on chromosome 
IV, and expressing tetR-GFP to label this region (Figure 3.2.1 A) (Brito et al., 2010; Fees et al., 
2016; Goshima and Yanagida, 2000). We refer to this as ‘CENIV-GFP’. By labeling the region 
proximal to a centromere, we have the resolution to see how this pericentromeric region is 
organized and positioned relative to the homologous region on its sister chromatid. When the 
regions are not under tension by the pulling forces of spindle microtubules, the GFP-labeled 
CENIV appears as a single focus (Figure 3.2.1 B) (Chacón et al., 2014; Goshima and Yanagida, 
2000; Larson et al., 2011; Pearson et al., 2001; Tanaka et al., 2000). When sister chromatids are 
bi-oriented and under tension, the labeled pericentromeric regions can be resolved into two 




strains expressing labeled CENIV-GFP and differentially labeled spindle pole bodies (SPBs) we 
analyzed the CENIV foci number in all cells containing two SPBs separated by less than 1 µm, to 
ensure they were in pre-anaphase. We used this system to test the prediction that nuclear 
migration alters chromosome organization in the spindle; specifically, that pulling forces from 
nuclear migration increase tension on sister chromatids 
First, we used single time point imaging to measure the frequencies of pre-anaphase 
cells containing different numbers of CENIV-GFP foci. In WT pre-anaphase cells, 79% contain 1 
CENIV-GFP foci, and 19% contain 2 CENIV-GFP foci (Figure 3.2.1 C). To test our prediction that 
nuclear migration alters tension on pericentric chromatin, we used a mutant with excessive 
nuclear migration. We previously found that a -tubulin mutant, tub2-430∆, causes hyper-
stable microtubules and increased interaction with dynein at the cell cortex, producing 
increased frequency and duration of spindle migration, and therefore nuclear migration (Aiken 
et al., 2014; Estrem et al., 2017). In our single time point experiment, the tub2-430∆ mutant 
exhibits an increase in cells containing 2 or more CENIV-GFP foci (27%) cells compared to WT 
cells (20%) and similar to previous studies (P = 0.04 by the Fisher exact test) (Figure 3.2.1 C) 
(Fees et al., 2016). We then used time-lapse imaging to determine whether pericentromeric 
regions are specifically under higher tension during nuclear migration. Our time-lapse imaging 
data reveals changes in pericentromeric chromatin that coincide with nuclear migration. Figure 
2D shows a representative series of time-lapse images from a tub2-430∆ mutant cell. When the 




multiple foci (Figure 3.2.2 D, E). Applying this analysis across a population of cells, we find that 
the 2 CENIV-GFP state is more common in tub2-430∆ mutants, compared to WT controls 
(P<0.0001 by Fisher’s exact test) (Figure 3.2.2 F, G). Furthermore, the 2 CENIV-GFP state is 
specifically enriched in tub2-430∆ mutants during periods of spindle migration (P<0.0001 by 
Fishers exact test) (Figure 3.2.2 F, G). This data suggests that increased nuclear migration alters 
the tension on pericentromeric chromatin.  
In addition to the 2 CENIV-GFP state, which is indicative of tension across sister 
chromatids, we also noticed that tub2-430∆ mutants transiently visit states with 3 or 4 CENIV-
GFP foci. Our time-lapse imaging data indicate that these 3 and 4 CENIV-GFP states are 
transient, arise during spindle migration, and are specifically enriched in tub2-430∆ mutants 
(Figure 3.2.2 D, E). Consistent with this, we identified cells with 3 or 4 CENIV-GFP foci in a small 
portion of tub2-430∆ mutants in our single time point experiment; and a in smaller portion of 
WT controls (P= 0.09 by Fishers exact test) (Figure 3.2.1 C). These results indicate increased 
outside spindle forces can be transmitted to pericentromeric chromatin and alter its position 
and organization. 
Mutants with Increased Nuclear Migration Contain a Higher Frequency of Cells with DSBs  
Our results demonstrate that forces on the spindle and nucleus that drive migration are 
transmitted to pericentromeric chromatin, and increased forces disrupt normal chromatin 
organization. We next asked whether increased nuclear movement promotes DNA damage. We 




expressing it from the native locus (Figure 3.3.1 A). In the absence of DSBs, fluorescently 
labeled Rad52 is diffuse in the nucleus; but upon introducing DSBs, Rad52 forms a focus at the 
site of the DNA break and aids in repair through homologous recombination (Lisby et al., 2001) 
(Figure 3.3.1 A). We validated that Rad52-tdTomato foci represent sites of DSB repair in three 
ways. First, we show that cells treated with the DNA alkylating agent methyl methanesulfonate 
(MMS) exhibit an increased frequency of Rad52-tdTomato foci, compared to untreated controls 
(Figure 3.3.1 B). Second, we found that Rad52-tdTomato foci were almost always detected in 
WT cells during pre-anaphase, but not during G1 or late anaphase (Figure 3.7.1 C). The latter 
result is consistent with the known role of Rad52 in mediating repair when a duplicate copy of 
the genome is present, in S and G2 phases of the cell cycle (Lisby et al., 2003; Orr-Weaver et al., 
1981; Szostak et al., 1983). Third, we compared our Rad52-tdTomato results to separate 
experiments using an integrated mNeonGreen fusion to Mre11, the nuclease subunit of the 
MRX complex, which functions at the initial repair step of the 5’ to 3’s resection of a DSB 
(Ivanov et al., 1994; Mimitou and Symington, 2010). Again, in the presence of DNA damaging 
agent MMS we saw a significant increased frequency of pre-anaphase cells with Mre11-
mNeonGreen foci (Figure 3.3.1 C, D). 
We find that a greater frequency of tub2-430∆ mutant cells contain Rad52-tdTomato 
foci, compared to WT controls (P < 0.001; determined by Fishers exact test) (Figure 3.3.1 B). 
These Rad52-tdTomato foci were almost exclusively seen in tub2-430∆ cells in S and G2 phase, 




saw this increase in Rad52 frequency specifically in pre-anaphase cells (i.e. cells in S and G2 
phase), we focused our subsequent analysis on cells only in pre-anaphase. To determine 
whether the observed increase in DNA damage in tub2-430∆ is a product of increased outside 
forces on the spindle we independently analyzed two other mutants known to increase nuclear 
migration (Estrem et al., 2017). A null mutant of KIP3, a kinesin 8 in budding yeast, and a null 
mutant of KAR9 contain stable microtubules that promote increased frequency and duration of 
spindle migration (Estrem et al., 2017; Gupta et al., 2006) (Figure 3.7.1 A). The tub2-430∆ and 
the kip3∆ mutants individually contain a significant increase, at 8.9% and 7.9% of pre-anaphase 
cells with Rad52 foci, compared to WT, at 2.6% of pre-anaphase cells (P<0.0001 by Fisher’s 
exact test) (Figure 3.3.1 B). In addition, the tub2-430∆ and kip3∆ double mutant, which exhibits 
additive effects on microtubule stability and spindle movement (Estrem et al., 2017) (Figure 
3.7.1 A, B), exhibits Rad52 foci at levels that are significantly increased compared to either of 
the single mutants (P<0.0001 by Fisher’s exact test) (Figure 3.3.1 B). The kar9∆ single mutant 
exhibits the greatest frequency of cells with Rad52 foci, and is significantly greater than either 
WT controls or tub2-430∆ mutants (P<0.0001 by Fisher’s exact test) (Figure 3.3.1 B). The kar9∆ 
mutant contains significantly more spindle movement compared to the tub2-430∆ mutant 
(Figure 3.7.1 A); therefore, the increase in Rad52 foci correlates with an increase in nuclear 
migration. To confirm our results, we conducted independent experiments measuring the 




mutants (P < 0.001 by Fishers exact test) (Figure 3.3.1 D). These results indicate that cells 
experiencing increased nuclear migration also exhibit increased DSBs. 
Having established that increased nuclear migration results in increased DSBs, we asked 
whether suppressing nuclear migration could decrease the frequency of DSBs. The dynactin 
subunit Nip100/p150 contains a CAP-Gly domain, which is a microtubule binding domain that 
promotes dynein activity (Kardon et al., 2009; Moore et al., 2009a; Nirschl et al., 2016). 
Removing the CAP-Gly domain partially impairs dynein activity, and reduces the frequency and 
duration of nuclear migration in yeast (Moore et al., 2009a). We find that nip100CAP-Gly∆ 
single mutants exhibit a frequency of Rad52 foci that is similar to WT controls (Figure 3.3.1 B). 
However, double mutants combining nip100CAP-Gly∆ with tub2-430∆ show a significant 
decrease in Rad52 foci compared to tub2-430∆ single mutants (P <0.0001 by Fisher’s exact test) 
(Figure 3.3.1 B). These results show that the level of nuclear migration activity determines the 
frequency of DSBs. 
DSB Repair is Delayed During Excessive Nuclear Migration  
The increased frequency of cells containing Rad52 could be due to an increase in the 
generation of DSBs and/or to a delay of DSB repair. To distinguish between these possibilities, 
we designed an experiment to measure the efficiency of DSB repair by comparing the lifetime 
of Rad52-tdTomato foci, from formation to disappearance. For these experiments, we induced 
a DSB at a specific site on the genome by conditionally expressing the HO endonuclease. The 




from the centromere (Figure 3.4.1 A) (Haber, 1992; Kostriken et al., 1983). This allowed us to 
generate a consistent frequency of Rad52 foci in WT and tub2-430∆ cells that is sufficient for 
our experiment. Inducing HO expression for 2 hours in WT cells significantly increased the 
frequency of pre-anaphase cells containing Rad52 foci from 2% to 15% (Figure 3.4.1 B). By 
comparison, inducing HO expression in tub2-430∆ cells significantly increased the frequency of 
pre-anaphase cells containing Rad52 foci from 13% to 40% (Figure 3.4.1 B). We then measured 
the lifetime of Rad52 foci in WT and tub2-430∆ cells induced with HO using time lapse imaging 
of living cells. We find that Rad52 foci are significantly longer lived in the tub2-430∆ mutant 
cells, with a median lifetime of 60 minutes compared to 33 minutes in WT cells (P= 0.0002 by 
Mann-Whitney test) (Figure 3.4.1 D). Rad52 foci lifetimes were not significantly different in 
tub2-430∆ cells containing HO-induced DSBs at the MAT locus compared to uninduced tub2-
430∆ cells, in which DSBs are presumably at other locations on the genome (P= 0.2 by Mann-
Whitney test) (Figure 3.4.1 C). These results indicate that increased spindle movement delays 
the repair of DSBs. 
Pericentric Cohesion Mutant Decreases the Frequency of DSBs in Excessive Nuclear Migration 
How might migration forces inhibit DSB repair? One possible mechanism is that changes 
in chromosome organization caused by excessive pulling forces could inhibit the search for 
homologous donor strands that are required for homology-directed repair(Orr-Weaver et al., 
1981; Szostak et al., 1983). To investigate the role of tension within the spindle, we used 




combined these with our nuclear migration mutants to assess effects on DSBs. Weakening the 
constraint of pericentric cohesion tightly holding sister chromatids together could be helpful in 
finding a homologous donor strand to repair damage. First, we tested the prediction that 
pericentromeric cohesion promotes the transmission of forces from spindle migration across 
sister chromatids.  We used the mcm21∆ mutant to disrupt pericentromeric cohesion.  The 
mcm21∆ mutation reduces cohesion from pericentric chromatin, decreasing tension between 
sister chromatids, and thereby increasing the number of pre-anaphase cells with 2 CENIV foci 
(Fees et al., 2016; Ng et al., 2009). We found that two different double mutants that 
simultaneously disrupt pericentromeric cohesion and increase spindle migration, kar9∆ 
mcm21∆ and tub2-430∆ mcm21∆, both significantly decrease the frequency of pre-anaphase 
cells with Rad52-tdTomato foci compared to kar9∆ and tub2-430∆ single mutants alone (Figure 
3.5.1 B). In addition, Rad52-tdTomato foci were significantly shorter-lived in tub2-430∆ 
mcm21∆ double mutant compared to tub2-430∆ single mutants (P<0.0002 by Mann-Whitney 
test) (Figure 3.5.2 G). These data suggest that pericentromeric cohesion inhibits in DSB repair 
during excessive spindle migration. 
In addition to analyzing frequency of Rad52 foci we determined the location of the foci 
in relation to the spindle. Studies have shown DSB that are unable or slow to repair are 
relocated to the nuclear periphery (Oza et al., 2009).  If nuclear migration inhibits repair, then 
Rad52 foci would be expected to relocate near the nuclear periphery, away from the spindle. 




single time point images, denote in Figure 3.5.2 F with an S for single. In tub2-430∆ mutants, 
Rad52-tdTomato foci shows are significantly further from the spindle than foci in WT controls 
(median of 1.1 µm, compared to 0.7 µm for WT; P= 0.05 by Mann-Whitney test) (Figure 3.5.2 F). 
In contrast, tub2-430∆ mcm21∆ double mutants exhibit foci that are nearer to the spindle than 
tub2-430∆ single mutants (median of 0.28 µm; P<0.0001 by Mann-Whitney test) (Figure 3.5.2 
F). We also analyzed the positions of Rad52 foci using time-lapse imaging. Like the single time 
point data, the tub2-430∆ mutant shows an increase in distance from the spindle, with a 
median of 1.0 µm compared to 0.65 µm for WT (P=0.0002 by Mann-Whitney test) (Figure 3.5.2 
F). When comparing the tub2-430∆ mutant to the tub2-430∆ mcm21∆ double mutant from the 
time lapse data, we see a less drastic, albeit still significant decreased in the foci distance from 
the spindle with a median of 0.8 µm in the double mutant (P= 0.04 by Mann-Whitney test) 
(Figure 3.5.2 F). The tub2-430∆ mutant contains more foci sequestered away from the spindle, 
however, we can bring Rad52 foci back more proximal to the center of the spindle by 
weakening pericentric cohesion. These results lead us to the question- if weakening pericentric 
cohesion could decrease the delay of repair in increase nuclear migration mutants? 
If decreasing tension between sister chromatids promotes DSB repair during nuclear 
migration, then we predict that increasing tension would inhibit DSB repair. Dam1 is part of the 
kinetochore complex that links centromeres to the plus ends of spindle microtubules (Hofmann 
et al., 1998). In dam1-765 mutants, kinetochores fail to attach to microtubule plus ends, and 




(Shimogawa et al., 2006). We found that dam1-765 mutants exhibit a greater frequency of cells 
with Rad52-tdTomato foci than WT controls or nuclear migration mutants (Figure 3.5.1 E). 
Double mutants combining tub2-430∆ with dam1-765 exhibit a frequency of Rad52-tdTomato 
foci similar to that seen in dam1-765 single mutants (Figure 3.5.1 C). Thus, increased tension 
across sister chromatids promotes a high level of DSBs, even when spindle migration is normal. 
Decreasing Nuclear Deformation Decreases the Frequency of DSBs 
Previous studies in mammalian cells have shown that forcing cells to migrate through a 
narrow pore can increase DNA damage through several possible mechanisms, such as nuclear 
rupture, DNA heriniation, mechanical shearing of DNA, and mislocalization of DNA repair 
factors within the nucleus (Shah et al., 2017; Xia et al., 2018). We asked whether the increased 
DNA damage observed during nuclear migration in budding yeast was caused by the 
deformation of the nucleus and genome as it moves through the narrow bud neck region 
between the mother and daughter compartments. We first sought to assess the magnitude of 
deformation by imaging the genome using a fluorescent mNeonGreen fusion to the C-terminus 
of the core histone 2B protein, Htb2. Figure 3.6.1 A shows the fluorescently labeled genome 
from pre-anaphase through anaphase, as the spindle is pulled into the bud neck. The labeled 
genome maintains a largely circular shape in pre-anaphase (Figure 3.6.1 A; see 0-10 minute 
time points). At anaphase, the movement of the spindle into the bud neck is accompanied by 
an initially narrow extension of the genome, followed by the translocation of Htb2-




whether increased nuclear migration mutants deform the genome, we measured the 
eccentricity and diameter of Htb2-mNeonGreen over time in pre-anaphase cells. Eccentricity is 
defined as the deviation of a curved object from circularity. Before anaphase onset, WT cells 
have an average maximum eccentricity of 0.6 ± 0.02 and an average maximum diameter of 2.1 
± 0.04 µm of labeled genome (mean ± SEM; Figure 3.6.2 F, G). By comparison, the increased 
nuclear migration mutant, kar9∆, has significantly increased maximum eccentricity (mean = 0.8 
± 0.03; P = 0.001) and maximum length (mean = 3.3 ± 0.3 µm; P-value = 0.0004 by t test) (Figure 
3.6.2 F, G). These results are consistent with increased nuclear migration exacerbating the 
deformation of the nucleus. 
To determine whether movement through the constricted space of the bud neck 
contributes to deformation and DNA damage we generated mutant cells with increased bud 
neck diamater. Bni1 is a formin which nucleates actin filaments to supply the formation of the 
bud (Lee et al., 1999). bni1∆ null mutants have a significantly wider bud neck with median 
diameter of 1.231 ± 0.1 µm compared to WT cells median diameter of 0.86 ± 0.2 µm (median ± 
95% CI; P<0.0001; determined by Mann-Whitney test) (Figure 3.6.2 E). We also compared the 
diameter of the bud neck in relation the total diameter of the cell (measuring the long axis of 
the budding cell) to show the bni1∆ mutants have a wider bud neck in proportion to the total 
cell size (Figure 3.8.1 A). Htb2-mNeonGreen-labeled genomes in bni1∆ exhibit similar 
eccentricity and diameter in pre-anaphase as that measure in WT controls (P-value=0.14 and 




double mutants, we find that eccentricity and genome diameter are comparable to WT levels 
(P-value=0.15 and 0.02 by t test) (Figure 3.6.1 A, D, and 3.6.2 F, G). To further investigate 
genome distortion as the cell goes through anaphase, we measured the width of the genome at 
the smallest constriction point, the bud neck. In WT cells, this width at the bud neck is 0.5 µm 
wide, on average (Figure 3.6.2 H). By comparison, bni1∆ mutant cells contain a significant 
increase in width at the bud neck of 1.2 µm compared to WT cells (P-value <0.0001 by Mann-
Whitney test) (Figure 3.6.2H). The minimum width of the genome as the cell goes through 
anaphase is similar in the kar9∆ single and bni1∆, kar9∆ double mutant double mutants of 0.7 
and 0.8 µm, suggesting it is the distortion of the genome in pre-anaphase, not in anaphase 
contributing to the increase in Rad52 foci (Figure 3.6.2 H).  
Since widening the bud neck suppresses genome deformation during nuclear migration, 
we predicted that widening the bud neck would also suppress DNA damage. Consistent with 
this prediction, we found that the frequency of preanaphase cells with Rad52 foci in bni1∆ 
mutants is significantly decreased compared to WT controls (P-value = 0.02 by Fisher’s exact 
test) (Figure 3.6.2 I). Furthermore, widening the bud neck in mutants that increase nuclear 
migration also suppresses DNA damage. Combining bni1∆ with kar9∆ in double mutants 
significantly decreased the frequency of cells with Rad52 foci compared to the kar9∆ single 
mutant (P-value <0.0001 by Fisher’s exact test) (Figure 3.6.2 I). These results demonstrate that 
the increase in DNA DSBs during nuclear migration can be decreased by limiting the 





Forces on astral microtubules are vital for spindle positioning from yeast to higher 
eukaryotes. Our work shows that forces outside the nucleus are transmitted to the 
chromosomes placed inside the mitotic spindle. While the balance of forces within the mitotic 
spindle seems to protect against spindle stretching, by deleting the microtubule cross linker, 
Ase1, we observe spindle stretching during spindle movement. The ability for forces exerted on 
astral microtubules to cause spindle stretching raises the question- how do cells balance motor-
driven transport to position the mitotic spindle while retaining genome integrity? Our results 
suggest a model where enhanced nuclear migration increases tension within the spindle and 
nuclear deformation in pre-anaphase and results in delay of homology-directed repair of DSBs. 
The increased nuclear migration mutant, tub2-430∆, has longer-lived Rad52 foci, with a median 
duration almost double that of WT (Figure 3.4.1 D). This data reveals an inhibition to repair 
DSBs is contributing to the increased level of Rad52 and Mre11 foci we see in a large population 
of cells (Figure 3.3.1 B). 
Centromere Mobility Decreases the Frequency of DSBs from Excessive Spindle Movement 
In support of this model, we found increased outside forces increase the tension on 
pericentromeric DNA resulting in more pre-anaphase cells containing 2 CENIV-GFP foci (Figure 
3.2.2 G). Also, during spindle movement, we see CENIV-GFP foci separate into as many as 4 
CENIV-GFP foci (Figure 3.2.2 G). We see increased pulling forces on astral microtubules are 




increasing tension on regions of DNA close to where they are attached to spindle microtubules. 
In addition, we found increasing tensions on centromeres through a dam1-765 mutant 
exacerbated the frequency of cells containing Rad52 foci (Figure 3.5.1 E). The dam1-765 and 
tub2-430∆ spindle migration mutant contained greater frequency of cells with Rad52 foci 
greater than the tub2-430∆ mutant alone (Figure 3.5.1 E). Interestingly, decreasing tension 
between sister chromatids by decreasing the amount of pericentric cohesion suppressed the 
frequency of Rad52 foci in increased spindle migration mutants (Figure 3.5.1 D). Why does 
decreasing tension within the spindle decrease the abundance of Rad52 foci? We think allowing 
the genome more mobility aids the ability to find a homologous donor strand for repair.  
Genome mobility is an important part of DNA repair and aids in searching for homology 
regions. Cohesion confines the area that pericentromeric chromatin loops can sample 
(Stephens et al., 2011). Cells have a mechanism in place to relax cohesion tethers around the 
centromere through phosphorylation in response to DNA damage, indicating constraints 
around the centromere from cohesion must be relaxed for Rad51 to search for regions of 
homology (Strecker et al., 2016; Wu and Yu, 2012). Our data supports this finding, mutants with 
increased nuclear migration that contain decreased pericentric cohesion contain less Rad52 
foci, indicating these mutants have better repair efficiency than the nuclear migration mutants 




Nuclear Deformation in Pre-anaphase Increases the Frequency of DSBs.  
We were interested in whether forces involved in moving the mitotic spindle can cause 
DNA damage or inhibit repair. In support of nuclear deformations increasing DSBs, we found 
the frequency of DNA damage was increased in excessive spindle migration mutants. Widening 
the narrow channel that the genome is normally moved into during pre-anaphase decreased 
the frequency of DSBs. The narrow projections of genome we see protruding from the bud neck 
into the bud resemble mammalian nuclei migrating through a pore with extreme outside forces 
compressing the nucleus (Denais et al., 2016; Thiam et al., 2016; Xia et al., 2018). Mammalian 
nuclei are on average 5 µm wide and studies have shown forcing them through a 3 µm pore 
causes nuclear rupture and DNA damage (Denais et al., 2016). Furthermore, repeatedly forcing 
cells through a 3 µm pore results in even greater increased DNA mutation and chromosome 
copy number changes (Irianto et al., 2017). Budding yeast nuclei are on average 2 µm wide and 
forced through a bud neck of 0.9 µm wide, which is an even smaller ratio of nucleus to 
constriction size than in the mammalian cell experiments. During movement into the neck the 
nucleus is deformed such that portions of the genome are mechanically forced through 
confined spaces and deformed from a circular shape to a bow tie shape (Figure 3.6.1). As seen 
in mammalian cells, increased nuclear migration exacerbates this distortion. There is evidence 
from human cancer cells that high membrane curvature causes mislocalization of repair factors 
(Xia et al., 2018). While additional mechanisms could contribute to the increase in DSB 




migration mutants. By increasing the mean bud neck size from 0.9 µm to 1.3 µm, we can rescue 
the frequency of DSBs and return the circularity to the genome in WT pre-anaphase cells; this is 
indicative of constriction playing a role in DNA damage comparable to migrating mammalian 
cells (Figure 3.6.2 E, F).  
It is an interesting evolutionary question why the bud neck remains a narrow point of 
constriction during mitosis. The energy required to increase the width of the bud neck must be 
too great to overcome because it could compromise the circular shape of the budding yeast. 
For example S.pombe are rod shaped and remain as a cylinder during anaphase, with no 
constriction to maneuver through. Budding yeast, like most other eukaryotes who utilize 
asymmetric cell divisions, must carefully regulate the need for nuclear movement with proper 
spindle positioning for successful cell divisions. Dynein and astral microtubules are major 
players in spindle positioning. Therefore, dynein is highly regulated during the cell cycle to only 
begin to move the spindle in pre-anaphase. During normal cell cycle progression dynein activity 
is regulated through its activating partner, dynactin. Dynactin is a multi-protein complex that is 
required for dynein activity and its binding to the cell cortex (Dujardin and Vallee, 2002). A 
regulator of dynactin called She1p prevents dynactin from localizing to the microtubule until G2 
phase in the cell cycle (Woodruff et al., 2009).  Then, in G2, dynactin attaches to dynein and 
only then can dynein move the spindle. Another important mechanism in dynein regulation is 
to dampen down dynein activity during DNA repair (Dotiwala et al., 2007). Dotiwala et al. have 




decrease nuclear movement. Null mutations in DNA damage checkpoint pathways, Rad53 and 
Chk1, exhibit increased nuclear migration resulting in the nucleus spanning the bud neck in a 
bowtie shape (Dotiwala et al., 2007). Rad53 and Chk1 are necessary to inhibit dynein activity, 
but how these proteins in the nucleus signal to regulate dynein remains unknown. Bierle et al. 
investigated how a cancer drug, KP1019, induces the DNA damage response, causes Rad9-
dependent cell cycle arrest, and increased dynein-dependent nuclear migration. They see this 
same bowtie shaped nucleus and reveal it is caused by enhanced nuclear migration by dynein 
(Bierle et al., 2015). Therefore, KP1019 treatment has the same mis-regulation of dynein during 
DNA repair as the checkpoint mutants. These studies lend further support that an important 
step in dynein regulation is to limit its ability to move the nucleus during DNA repair. We have 
shown, mutants with increased dynein-dependent nuclear migration during mitosis exhibit an 
increase in Rad52 foci. We find that dynein activity must be diminished during DNA repair or 
else repair is delayed. Lawrimore et al. has shown after DNA damage the chromatin exhibits 
increased mobility and this mobility is dynein-dependent and aids in repair (Lawrimore et al., 
2017). We propose small amount of dynein-dependent spindle movement could be necessary 
to aid in chromosome mobility during repair, however excessive spindle movement, enough to 
put tension on the spindle and deform the nucleus inhibits repair.  
These results provide evidence for a new mechanism of genome instability by nuclear 
movement during mitosis inhibiting homologous directed repair. Different from previous 




damage, we provide evidence that forces can travel from astral microtubules through the 
spindle pole body to the mitotic spindle to chromosomes. This data raises new questions of 
whether astral microtubule forces that move the spindle during cell division in mammals might 
be similarly sensitive. We propose that forces crucial for positioning the mitotic spindle must be 





FIGURE 3.1.1 Spindle length and variation increases during nuclear migration.  
(A) Schematic of spindle and components that contribute to the balance of forces in 
budding yeast. (B) Image and time series of GFP-Tub1 in a WT cell. Each image is a maximum 
intensity projection from a confocal z-series. Spindle length during a sliding event was taken 
from the red boxed region. Time 0 is the spindle before movement. Red dashed line denotes 
the center of the spindle at time 0. Bar, 1 µm. (C) Image and time series of GFP-Tub1 in an 
ase1∆ null mutant. Spindle length during a sliding event was taken from the red boxed region. 
Red dashed line denotes the center of the spindle at time 0.  At time 0 the spindle is compact 
with the length at 0.98 µm. Bar, 1 µm. (D) Plot of spindle length over time for a WT cell during 
nuclear migration. On the left y-axis is spindle length in µm and on the right y-axis is distance 
the spindle moves in µm. The x-axis is the duration in seconds. Red dots represent spindle 
length in µm and black dots represent distance the spindle moves in relation to the starting 
spindle position as 0. Grey box indicates the sliding event. The WT spindle moves a distance of 
8.2 µm and the spindle length remains around 1.5 µm with a low SD of 0.02. (E) Plot of spindle 
length over time for the ase1∆ mutant. Red dots represent spindle length in µm and black dots 
represent distance the spindle moves in relation to the starting spindle position as 0. Grey box 
indicates the sliding event. The ase1∆ mutant spindle moves 11.1 µm and the spindle length 





FIGURE 3.1.2 Spindle length and variation increases during nuclear migration. 
(F) Dot plot of standard deviation of spindle lengths in µm. Each point represents the 
standard deviation for the spindle lengths reached before or during a sliding event. Red bars 
represent the mean and standard error of the mean. n=17 sliding events. Asterisks denote a 
significant difference. *, P < 0.05; determined by Mann Whitney test. (G) Box and whisker plot 
of pre-anaphase spindle length. The median length for WT spindles is 0.89 µm with a SD of 0.28 
in comparison to ase1∆ mutant containing significantly greater pre-anaphase spindle length 
with the median at 1.27 µm with a SD of 0.79. n=400 cells. Asterisks denote a significant 








FIGURE 3.2.1 Increased tension on pericentromeric chromatin TetO spots in excessive nuclear 
migration mutant. 
(A) Schematic of CENIV TetR-GFP/TetO array. The tetOx448 array of repeats is located 2 
kb away from the centromeric region on chromosome IV. In this system we can visualize the 
region proximal to centromere with TetR-GFP and spindle pole bodies labeled with SPC110-
tdTomato. (B) Representative images of WT cells with GFP labeled centromeric region of 
chromosome IV and labeled SPBs in three different tension states. In the top panel, sister 
chromatids are not under tension in which the centromeric regions are combined into one 
CENIV-GFP foci. In the middle panel, the two sister chromatids are under tension, in which the 
centromeric regions can be resolved into two CENIV-GFP foci. In WT cells, on rare occasion, we 
see cells with three CENIV-GFP foci. (C) Frequency distribution for percent of pre-anaphase cells 






FIGURE 3.2.2 Increased tension on pericentromeric chromatin TetO spots in excessive nuclear 
migration mutant. 
(D) Image time series in the tub-430∆ mutant during a sliding event. Panel 1 displays 
spindle pole bodies, labeled by Spc110-tdTomato. Panel 2 and 3 displays CENIV-GFP. Panel 2 
matches the scale of panel 1. Panel 3 is an enlargement to visualize CENIV number. Colored 
dots denote and follow CENIV foci number. Panel 4 depicts the merged images. Blue is Spc110-
tdTomato and pink is CENIV-GFP. Time is in seconds. Bar, 1 µm. (E) Representative life plots of 
CENIV-GFP foci transitions for two tub2-430∆ mutant cells. Cell 1 in red represents the CENIV 
foci depicted in D. (F) Stacked bars graphs displaying percent of time CENIV-GFP spends with 
each foci number containing a stationary spindle for WT and tub2-430∆ strains. WT, n=25; tub2-
430∆, n=23 cells. (G) Stacked bars graphs displaying percent of time CENIV-GFP spends with 
each foci number when the spindle is sliding for WT and tub2-430∆ strains. WT, n=25; tub2-






FIGURE 3.3.1 Mutants with increased nuclear migration contain a higher frequency of cells with 
DSBs. 
(A) Representative image of a WT cell with Tub1-GFP and Rad52 labeled with tdTomato. 
Bar, 1 µm. (B) Percent of cells containing Rad52 foci in pre-anaphase of the cell cycle. 
Percentages are calculated by number of cells containing Rad52 foci, divided by number of cells 
in pre-anaphase of the cell cycle. WT, n=2581; WT MMS, n=972; tub2-430∆, n=2278; kip3∆, 
n=2294; tub2-430∆ kip3∆, n=1762; kar9∆, n=541; nip100-CG∆, n=2696; tub2-430∆ nip100-CG∆, 
n=2494 cells. Asterisks denote a significant different from WT. *, P < 0.001; determined by 
Fishers exact test. (C) Percent of cells containing Mre11 foci in pre-anaphase of the cell cycle. 
Percentages are calculated by number of cells containing Mre11 foci, divided by number of cells 
in pre-anaphase of the cell cycle. WT, n=1471; WT MMS, n=794; tub2-430∆, n=2178; kar9∆, 
n=1448 cells. Asterisks denote a significant difference. *, P < 0.001 determined by Fishers exact 
test. (D) Representative image of a WT cell with Tub1-GFP and Mre11 labeled with 





FIGURE 3.4.1 Excessive nuclear migration mutants are slow to repair 
(A) Schematic diagram of the MATa locus and where HO endonuclease cuts the DNA on 
chromosome III. (B) Percent of cells containing Rad52 foci in pre-anaphase of the cell cycle. 
Percentages are calculated by number of cells containing Rad52 foci, divided by number of cells 
in pre-anaphase of the cell cycle. WT, n=1220; WT HO induced, n=1220; tub2-430∆, n=463; 
tub2-430∆ HO induced, n=612 cells. Asterisks denote a significant difference. *, P < 0.05; **, P < 
0.001; determined by Fishers exact test. (C) Box and whisker plot of duration of Rad52 foci in 
minutes. Center bar denotes the median, box denotes the first and third quartiles, and whiskers 
are maxima and minima. tub2-430∆ cells containing Rad52 foci and induced with galactose for 
2 hours, n=82; tub2-430∆ containing Rad52 foci containing glucose (uninduced for HO), n=45 
cells. There is no significant difference determined by Mann-Whitney test. (D) Box and whisker 
plot of duration of Rad52 foci in minutes. WT containing Rad52 foci and induced with galactose 
for 2 hours, n =70; tub2-430∆ containing Rad52 foci, combining induced and uninduced 
durations n=142 cells. Asterisks denote a significant difference. *, P < 0.05; **, P < 0.001; 





FIGURE 3.5.1 Pericentric cohesion mutant decreases the frequency of DSBs in excessive nuclear 
migration mutants 
(A) Schematic diagram of spindle components that make up and contribute to forces 
within the mitotic spindle. (B) Diagram of mcm21∆ mutant phenotype. (C) Diagram of dam1-
(765) mutant phenotype. (D) Percent of cells containing Rad52 foci in pre-anaphase of the cell 
cycle. Percentages are calculated by number of cells containing Rad52 foci, divided by number 
of cells in pre-anaphase of the cell cycle. WT, n=308; tub2-430∆, n=316; tub2-430∆ mcm21∆, 
n=276; mcm21∆, n=1209; kar9∆, n=891; mcm21∆ kar9∆, n=621 cells. Asterisks denote a 
significant difference. *, P < 0.05 determined by Fishers exact test. (E) Percent of cells 
containing Rad52 foci in pre-anaphase of the cell cycle. Percentages are calculated by number 
of cells containing Rad52 foci, divided by number of cells in pre-anaphase of the cell cycle. WT, 
n=2581; tub2-430∆, n=2278; dam1-(765), n=135; dam1-(765) tub2-430∆, n=135 cells. Asterisks 





FIGURE 3.5.2 Pericentric cohesion mutant decreases the frequency of DSBs in excessive nuclear 
migration mutants 
(F) Median of distance from Rad52 foci to the centroid of the spindle in µm. (S) denotes 
distances from single time point data. Black bars represent the 95% CI. WT, n =42; tub2-430∆, 
n=46; tub2-430∆ mcm21∆, n=32; mcm21∆, n=28 cells. (G) Median of distance from the centroid 
of the Rad52 foci to the centroid of the spindle in µm. (T) denotes distances from time lapse 
data with the maximum time of 150 minutes. Black bars represent the 95% CI. WT, n =19; tub2-
430∆, n=46; tub2-430∆ mcm21∆, n=32; mcm21∆, n=31 cells. (H) Median duration of Rad52 foci 
in minutes.  The maximum duration is 150 minutes. Black bars represent the 95% CI. WT, n =61; 
tub2-430∆, n=35; tub2-430∆ mcm21∆, n=42; mcm21∆, n=18 cells. P values determined by 






FIGURE 3.6.1 Decreasing nuclear deformation decreases the frequency of DSBs 
(A) Image and time series of Htb2-mNeonGreen and mRuby-Tub1 in a WT cell going 
from pre-anaphase through anaphase. Each image is a maximum intensity projection from a 
confocal z-series. Bar, 1 µm. (B) Image and time series of Htb2-mNeonGreen and mRuby-Tub1 
in a kar9∆ mutant cell going from pre-anaphase through anaphase. Each image is a maximum 
intensity projection from a confocal z-series. Bar, 1 µm. (C) Image and time series of Htb2-
mNeonGreen and mRuby-Tub1 in a bni1∆ mutant cell going from pre-anaphase through 
anaphase. Each image is a maximum intensity projection from a confocal z-series. Bar, 1 µm. (D) 
Image and time series of Htb2-mNeonGreen and mRuby-Tub1 in a kar9∆, bni1∆ double mutant 
cell going from pre-anaphase through anaphase. Each image is a maximum intensity projection 





FIGURE 3.6.2 Decreasing nuclear deformation decreases the frequency of DSBs 
(E) Dot plot of bud neck sizes in µm. Red bars represent the mean and standard error of 
the mean. WT, n =151; bni1∆, n= 57 cells. Asterisks denote a significant difference from WT. 
***, P<0.0001; determined by Mann-Whitney test. (F) Mean of maximum eccentricity reached 
in pre-anaphase. Red bars represent the standard error of the mean. WT, n=19; kar9∆, n=17; 
bni1∆, n=11; kar9∆ bni1∆, n=23 cells. Asterisks denote a significant difference from WT. **, 
P<0. 0.001; determined by t test. (G) Dot plot of maximum length reached in µm of Htb2-
mNeon labeled genome of cell in pre-anaphase. Red bars represent the mean and standard 
error of the mean. WT, n =19; kar9∆, n=17; bni1∆, n=11; kar9∆ bni1∆, n=23 cells. Asterisks 
denote a significant difference from WT. *, P < 0.05; **, P < 0.001; determined by t test. (H) 
Mean of width measured at the bud neck during anaphase. Red bars represent the standard 
error of the mean. WT, n=27; kar9∆, n=42; bni1∆, n=12; kar9∆ bni1∆, n=24 cells. Asterisks 
denote a significant difference from WT. ***, P<0.0001; determined by Mann-Whitney test. (I) 
Percent of cells containing Rad52 foci in pre-anaphase of the cell cycle. Percentages are 
calculated by number of cells containing Rad52 foci, divided by number of cells in pre-anaphase 
of the cell cycle. WT, n=409; kar9∆, n=191; bni1∆, n=1029; kar9∆ bni1∆, n=577 cells. Asterisks 






FIGURE 3.7.1 Mutants with increased sliding frequency 
(A) Mean sliding events per minute per cell. WT, n=91; tub2-430∆, n=73; kip3∆, n=53; 
tub2-430∆ kip3∆, n=33; kar9∆, n=28 cells. Asterisks denote a significant different from WT. *, P 
< 0.0001; determined by t test. (B) Mean astral microtubule length in µm. WT, n=76; tub2-430∆, 
n=77; kip3∆, n=133; tub2-430∆ kip3∆, n=142; kar9∆, n=95 microtubules. Asterisks denote a 
significant different from WT. *, P < 0.0001; determined by t test. (C) Percent of cells in G1, M, 
and anaphase containing Rad52-tdTomato foci for WT and tub2-430∆ mutant. Percentages are 
calculated by the number of cells with Rad52 foci separated by the cell cycle stage then divided 
by the total number of cells observed. WT, n=17322; tub2-430∆, n=6246 cells. Asterisks denote 





FIGURE 3.8.1 Percentage of microtubules without a slow depolymerization rate 
(A) Scatter plot depicting WT and bni1∆ mutant distributions comparing bud neck size in 
µm on the y-axis to total cell length in µm on the x-axis. Black dots represent WT cells. Green 
dots represent bni1∆ mutant cells. WT, n =180; bni1∆, n= 108 cells. (B) Dot plot of maximum 
eccentricity reached in pre-anaphase. Red bars represent the standard error of the mean. WT, 
n=19; kar9∆, n=17; bni1∆, n=11; kar9∆ bni1∆, n=23 cells. Asterisks denote a significant 








CONCLUSIONS AND FUTURE DIRECTIONS 
Mitotic spindle positioning is paramount for proper genome segregation and cell 
division. Errors in spindle positioning can cause defects in development and genomic instability. 
This work focuses on understanding a central biological question: how do cells move the 
spindle to the right place at the right time? Astral microtubules and the motor protein dynein 
are key players in positioning the spindle, conserved from budding yeast to mammals. While it 
is well-documented that dynein provides the necessary force to physically move the spindle 
into position, this thesis focuses on how microtubules contribute to this imperative process.  
During budding yeast division, the mitotic spindle is moved to the bud neck by dynein pulling on 
astral microtubules. Previous studies have shown spatial and temporal regulation of dynein 
occurs through binding of adaptor proteins. For example, dynein must bind its interactor, 
dynactin, to attach to the cell cortex and move the spindle. I found that in addition to its role in 
regulating dynein, part of the dynactin complex stabilizes microtubules. Intriguingly, I also 
discovered that dynein destabilizes microtubules; once dynein initiates the pulling force on an 
astral microtubule, that microtubule depolymerizes. My results support a model in which 
dynactin stabilizes the microtubule to transport dynein to the cell cortex. Then, after dynein is 
activated and pulling the spindle, dynein induces the microtubule to catastrophe. My data 
suggest that the ratio of dynein to dynactin at the plus-end of the microtubule during sliding is 




to destabilize the microtubule, due to changes in microtubule stability, spindle movements 
increase causing positioning errors. This work demonstrates that the microtubule is an essential 
regulator of how the mitotic spindle is positioned. Therefore, not only can misregulation of 
dynein or dynein adaptor proteins cause errors in mitosis but also the misregulation of 
microtubule dynamics. 
Dynein Decreases Microtubule Dynamics 
My work reveals that dynein must induce microtubule catastrophe to accurately 
position the mitotic spindle. The importance of coupling microtubule shrinking to spindle 
positioning is demonstrated in budding yeast, to C.elegans, to humans. However, the 
mechanism of how dynein causes the microtubule to catastrophe remains unknown. In 
agreement with Laan and colleagues, I show dynein requires its microtubule binding domain 
and ATP hydrolysis to induce microtubule catastrophe (Laan et al., 2012). I further 
demonstrate, however, that dynein’s ability to alter microtubule stability is temporally and 
spatially regulated in cells. Further evidence that the ratio of dynein and its adaptor proteins 
must be tightly controlled comes from over-expression experiments of the dynein motor 
domain I have performed, revealing that when too much dynein is present, the cells contain 
significantly shorter astral microtubules. This result indicates that dynein can induce 
microtubule catastrophe away from the appropriate position at the cell cortex, if the motor 
domain is far more abundant than the adaptor proteins. Laan et al. and I have shown that 




dynein’s movement, not merely its binding, on microtubules is an important contributor to 
microtubule catastrophe. I hypothesize that the force dynein generates to take steps at the 
plus-end of a microtubule causes a splaying of protofilaments, which induces catastrophe. Use 
of cryo-electron microscopy to capture different stages of an active dynein motor walking on a 
dynamic microtubule may shed light on the physical cause of dynein-induced microtubule 
catastrophe. Additionally, the Surrey lab has employed an in vitro setup with purified 
mammalian dynein, dynactin, Lis1, EB1, BicD2, and dynamic microtubules which would be ideal 
to investigate the components necessary to induce catastrophe (Jha et al., 2017). Using this 
system may provide further insight into the minimal components required for microtubule 
catastrophe initiated by dynein activity. Together, these findings could elucidate a physical 
mechanism of how dynein controls the length of microtubule structures. 
Dynactin Alters Microtubules Dynamics Differently than Dynein 
How do individual components in the dynein pathway alter microtubules? By studying 
the dynein pathway in the genetically tractable budding yeast system, I was able to individually 
knock out each adaptor protein and determine its effect on microtubules in vivo. A key player in 
the dynein regulatory network is its activating partner dynactin. Many labs have shown that the 
p150-Glued subunit of dynactin can bind EB1 and alpha tubulin to promote the initiation of 
dynein transporting cargo from the microtubule plus-end (Hayashi et al., 2005; Jha et al., 2017; 
Karki and Holzbaur, 1995; Moore et al., 2008; Nirschl et al., 2016; Waterman-Storer et al., 1995; 




CAP-Gly and amino-terminal basic domains to stabilize microtubules (Lazarus et al., 2013). They 
demonstrated that p150-Glued can bind to microtubule polymer and soluble tubulin, 
promoting growth and inhibiting catastrophe of microtubules in axons. This data supports the 
idea that p150-Glued promotes dynein transport of cargo by stabilizing the microtubule track. 
My results in budding yeast support this mechanism, where the p150-Glued analog in yeast, 
Nip100, stabilizes astral microtubules. While Lazarus and colleagues report dynactin 
stabilization of microtubules to support dynein transport in neurons, I have discovered that 
dynactin stabilization of microtubules facilitates dynein localization to the cell cortex and 
positioning of the mitotic spindle. These results support dynactin having similar capabilities 
across different cellular functions and this important microtubule stabilizing capability has been 
retained across evolution. 
During my thesis work, I discovered that the stability of the microtubule track plays an 
important role in regulating how the mitotic spindle moves. My results reveal that increased 
microtubule stability and longer astral microtubules leads to greater spindle movement. I was 
interested in whether this drastic spindle movement may cause damage to the cargo, which in 
this case is the genomic material of the cell. This curiosity led to another important, biological 
question: how do cells use force to move cargo without damaging it? In chapter 3, I explore 
how forces on DNA from the microtubules responsible for positioning it can delay DNA repair 




pulling forces that move the spindle, as well as compressive forces on the nucleus as it moves 
through the bud neck, promote DNA damage.  
Excessive Nuclear Movement Increases DNA Damage 
Mutants that cause excessive dynein-dependent spindle movement during mitosis 
exhibit an increase in DNA damage. I found force transmission from dynein through the spindle 
microtubule network increased tension on chromosomes at pericentromeric regions. This 
supports a novel mechanism whereby forces on astral microtubules are transmitted into the 
mitotic spindle and increase tension on DNA regions attached to spindle microtubules. 
Interestingly, Dotiwala et al. found a null mutation to the DNA damage checkpoint gene chk1∆ 
also increased tensions between pericentromeric regions of sister chromatids. They showed by 
inducing a double stranded break in the DNA, the DNA damage checkpoint genes, Rad53 and 
Chk1, are required to dampen down dynein activity, preventing spindle movement during DNA 
repair (Dotiwala et al., 2007). How these genes interact with the dynein pathway is unknown. 
There must be a signal from within the nucleus conveyed through the cytoplasm, to the cell 
cortex to inhibit dynein. One possible mechanism could involve microtubule regulators. As I 
have shown in spindle movement, microtubules are important regulators in the dynein 
pathway. A microtubule destabilizer would cause astral microtubules to fall away from dynein 
and remain too short to reach the cell cortex. This is a mechanism I observe when I over-
express the dynein motor domain. The motor domain at the plus end induces microtubule 




mechanism could be similar to Kiyomitsu and Cheeseman’s finding of a kinase interacting with 
dynein and causing it to detach from the cell cortex (Kiyomitsu and Cheeseman, 2012). Chk1 is a 
kinase involved in the DNA damage pathway and revealed to be necessary to dampen down 
dynein activity during DNA repair. Chk1 could initiate a phosphorylation signaling cascade that 
reaches dynein out at the cell cortex. One other possible mechanism could involve Bud14p-
Glc7p complex which is also located at the cell cortex and shown to regulate dynein activity 
(Knaus et al., 2005). One function of this type I phosphatase, Glc7p, is regulating the 
microtubule binding activity of kinetochores through dephosphorylation (Sassoon et al., 1999). 
Therefore, during mitosis Glc7p is located in the nucleus and upon DNA damage, could be a 
possible messenger send out of the nucleus to Bud14 anchored at the cortex and decrease 
dynein activity. Future investigations are required to determine the signaling mechanism of 
decreasing dynein activity during cell cycle arrest and DNA repair.   
DNA Repair Efficiency is Decreased with Excessive Spindle Movement 
After DNA damage occurs, the entire genome experiences an increase in mobility (Miné-
Hattab and Rothstein, 2012). In S or G2, the damaged genome must be able to move to search 
for homology regions to repair the damage through homologous recombination. This process is 
confined by cohesion, which limits the mobility of pericentromeric chromatin (Stephens et al., 
2011). Cells have a mechanism in place to relax cohesion tethers around the centromere 
through phosphorylation in response to DNA damage (Strecker et al., 2016; Wu and Yu, 2012). 




be relaxed for Rad51 to search for regions of homology. My data supports this model; I observe 
by decreasing pericentric cohesion in increased nuclear migration mutants, I can rescue the DSB 
frequency back to WT levels, indicating that these mutants have better repair efficiency than 
the nuclear migration mutants alone. There are also proteins tethering telomeric regions to the 
nuclear envelope, restricting mobility of these regions (Lawrimore et al., 2017). Further 
investigation is required to determine whether loosening tethers at telomeres could also rescue 
repair efficiency during increased spindle movement. In theory, loosening tethers at telomeric 
regions would only be helpful if the DNA requires mobility to search for homology regions to 
repair. My data shows pericentric regions are under increased tension and in some cases 
possibly broken. However, this does not preclude other regions of DNA, possibly out by the 
telomeres, of undergoing damage as well. Therefore, sequencing exact sites of damage in 
mutants with increased nuclear migration would elucidate whether damage is localized to 
centromere regions or is wide spread throughout the genome. If the damage was localized to 
centromeric regions this would suggest a mechanism of forces from dynein are transmitted 
through the microtubule network and causing increased breaks where the microtubules 
interact with the DNA. However, if the damage is more wide spread this would argue for a 
mechanism where nuclear deformation during pre-anaphase could be causing mechanical 
shearing of DNA close to the nuclear membrane. Either mechanism would contribute to our 
understanding of how mechanical forces on the nucleus promote DNA damage, which remains 




Mechanical Forces Alter DNA within the Nucleus 
My thesis provides insight into how spindle movement is regulated and the 
consequences of unregulated forces on DNA. Using budding yeast, my work has revealed that 
regulation of dynein forces on mitotic spindle movement is important for genome integrity. 
Further investigation is required to determine if this mechanism is shared in other biological 
systems where misregulation of forces moving the genomic material can cause damage, such as 
asymmetric spindle positioning in C. elegans zygotes. One study by Penfield and colleagues 
investigated how pulling forces from dynein on microtubules can cause nuclear rupture in a 
C.elegans zygote with defective lamins during pronuclear movement (Penfield et al., 2018).  
They found that dynein forces increase the severity of nuclear rupture while limiting dynein 
activity decreased rupture, which allows for faster repair of the nuclear envelope (Penfield et 
al., 2018). This is a physiologically relevant context demonstrating that forces from dynein on 
microtubules can cause nuclear rupture when lamins are compromised. To date, most studies 
looking at cytoskeleton compression involve actin, although the LINC complex interacts with 
both actin and microtubules. One of the original LINC complex mutants found in C.elegans is 
named UNC-84 for its “uncoordinated” phenotype (Malone et al., 1999). Mutants in UNC-84 
cause the “uncoordinated” neurological defects reminiscent of neurological defects caused by 
mutations in dynein (Hoang et al., 2017). In addition, UNC-84 has been shown to physically 
interact with dynein to position nuclei in C. elegans muscle cells (Ofenbauer and Tursun, 2018). 




the LINC complex would be another interesting study of forces on the nucleus. Also, in C. 
elegans, the Maddox lab has shown that microtubule dynamics regulators such as CLASP, a 
microtubule stabilizer, and MCAK, a microtubule destabilizer, are differentially required 
depending on the state of the cell, with CLASP stabilizers required in precursors and MCAK 
destabilizers required in differentiated cells (Lacroix et al., 2014). This is a clear example 
demonstrating how a multi-cellular organism can differentially regulate microtubule dynamics. 
Thus, future studies could use the C. elegans model system to investigate how forces on the 
spindle generated by dynein and microtubules affects the development of a multi-cellular 
organism.  
In conclusion, understanding how dynein interacts with its microtubule track is 
important during development and for maintaining genomic integrity. Dynein altering the 
microtubule track it walks on, may not only be important for mitotic spindle positioning but 
also in the diverse cellular processes from meiosis to neuronal differentiation. My findings lead 
to interesting questions about how dynein is regulated to carry specific cargo as well as how 
cells ensure the cargo is not damaged by dynein activity. Dynein moves the genomic material of 
the cell in spindle positioning and in many other nuclear movement contexts such as neuronal 
migration. Studies in mammalian cancer cells have shown forces imposed on the nucleus can 
cause genome instability. Therefore, how cells balance active transport of the nucleus with 
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